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Hoffman, Daniel. K. Ph.D., Environmental Sciences, Wright State University, 2020. THE 
FATE OF ANTHROPOGENIC NITROGEN ALONG HYDROLOGIC CONTINUUMS: 
PATTERNS OF TRANSFORMATION AND RECYCLING IN A EUTROPHIC LAKE 
AND COASTAL MARINE SEDIMENTS.  
 
 
Eutrophication of aquatic systems can have cascading effects along hydrological 
continua from watersheds to coasts that result in impaired ecosystem health. In 
freshwater systems, blooms of toxic, non-nitrogen (N) fixing cyanobacteria 
(cyanoHABs), such as Microcystis, proliferate due to external loading of chemically 
reduced forms of N (e.g., ammonium (NH4+) and urea), which promote growth and toxin 
production. In coastal marine systems, nutrient loading can promote harmful algae 
blooms and threaten vulnerable, native vegetation, such as seagrasses, which provide 
valuable ecosystem services but are under threat globally from anthropogenic stressors. 
This dissertation focuses on NH4+ cycling in the water column of Lake Erie and microbial 
N transformations in St. Joseph Bay (Florida) sediments by combining biogeochemical 
rate measurements and molecular analysis of selected functional genes.  
In Lake Erie, NH4+ regeneration in the water column was an important source of 
internal N loading and may promote and/or sustain cyanoHAB biomass and toxin 
production beyond external N loads from the watershed. Despite abundant amoA gene 
copies (the gene responsible for catalyzing ammonia oxidation) at all stations and 
sampling times, nitrification rates followed seasonal patterns and were greatest outside of 
 iv 
cyanoHABs, indicating that nitrifiers were less competitive than cyanoHABs for 
available NH4+. Nitrification converts NH4+ to nitrate (NO3-), the substrate for 
denitrification (microbial NO3- reduction to dinitrogen gas); therefore, suppression of 
nitrification via competition for NH4+ during cyanoHABs may inhibit natural N removal 
from these systems.   
In St. Joseph Bay, coupled nitrification-denitrification was the dominant N loss 
pathway, but high rates of dissimilatory NO3- reduction to NH4+ (DNRA) were also 
observed in sediments with seagrass vegetation. These results suggested that some of the 
external N loading is naturally removed from the system via denitrification, but there is 
also potential for within-system recycling via DNRA, which may exacerbate 
eutrophication effects on both the water column and vulnerable seagrass beds.   
These results support other recent work demonstrating the inability of some 
aquatic systems to remove excess anthropogenic N loads efficiently. These study findings 
also illustrate the importance of internal N recycling mechanisms, which must be 
considered to inform nutrient management strategies and ecosystem models developed to 
mitigate eutrophication and cyanoHABs. These findings also support the need for dual 
nutrient (N + phosphorus) reduction strategies to minimize cyanoHABs and protect 
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CHAPTER 1. INTRODUCTION 
 
1.1 Nutrients, Cycling, and Eutrophication of Aquatic Systems 
 Nitrogen (N) and phosphorus (P) are macronutrients, and as such, necessary for 
life in large quantities relative to many other common elements (Maathuis 2009). Given 
their high demand, these nutrients are associated with limits on biological growth (i.e., 
primary production) in both terrestrial and aquatic environments, but, in high amounts, 
are pollutants that contribute to degradations in ecosystem health and function, 
particularly in aquatic systems (Howarth et al. 2002).  
 Dinitrogen gas (N2) comprises approximately 78% of Earth's atmosphere, and at 
3.9 x 109 Tg, represents the largest reservoir of N on the planet (Kuypers et al. 2018). 
Despite its abundance, N2 is considered largely unavailable for biological use, with the 
exception of diazotrophic organisms capable of converting N2 to ammonium (NH4+) via 
N fixation (Galloway et al. 2004). Natural N biogeochemical cycles have been drastically 
altered by anthropogenic activities, which lead to exponential increases in the amount of 
reactive N (e.g., NOx, NH4+) in the biosphere relative to pre-industrial amounts (Vitousek 
et al. 1997; Galloway and Cowling 2002; Fields 2004; Howarth 2008). Anthropogenic N 
fixation (via the Haber-Bosch process) has been instrumental in meeting fertilizer 
demands and feeding a still-expanding global population but has contributed to excess N 
in many ecosystems (Galloway et al. 2004).  
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Global and localized N cycling are driven by both abiotic and biotic processes. 
Bioavailable N forms are involved in microbial transformations that influence the net N 
balance and productivity of aquatic systems (Kuypers et al. 2018). N forms subject to 
these transformations include N2 (restricted only to diazotrophs, as mentioned 
previously), nitrate (NO3-), nitrite (NO2-), NH4+, and dissolved organic compounds (e.g., 
urea). During N fixation, dissolved N2 is converted to NH4+, incorporated into biomass, 
and often mineralized back to NH4+ during decomposition (Capone and Carpenter 1982). 
Available NH4+ may be assimilated by primary producers or undergo transformation to 
NO2- and NO3- via nitrification (Ward 2008). NH4+ may also be recycled via dissimilatory 
NO3- reduction to NH4+ (DNRA; Tiedje 1988). Removal pathways include anammox 
(anaerobic NH4+ oxidation), which transforms NH4+ and NO2- to N2 gas (Mulder et al. 
1995), and in canonical denitrification NO3- is first converted to NO2-, then to NO and 
N2O, and finally to N2 gas (Canfield et al. 2010).  
 P cycling in aquatic systems is less complex than N cycling. Unlike N, P has no 
significant presence in the atmosphere, which limits routes of exchange and 
transformations within the system. Instead, cycling occurs between bioavailable 
orthophosphate/soluble reactive phosphorus (SRP) and bound, or non-bioavailable forms 
(such as those attached to cation metals; Ruttenberg 2003). Sequestration in biomass and 
eventual release through organic matter decomposition are biological mechanisms in this 
cycle, but within-system P cycling is largely driven by changes in redox gradients 
(Reynolds and Davies 2001).  
 Delivery of N and P to water bodies promotes eutrophication, nutrient enrichment 
that produces excess plant/algal growth (Smith et al. 1999). Some level of eutrophication 
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is natural as nutrients accumulate in a water body on timescales of hundreds to thousands 
of years (Hutchinson 1969) but is distinct from cultural eutrophication, which is driven 
by anthropogenic processes and accelerates the rate of change in system trophic status 
within human lifespans (Nixon 1995).  
 Cultural eutrophication of aquatic systems occurs due to increased nutrient 
loading from anthropogenic sources, such as fertilizer runoff, wastewater inputs, and 
atmospheric deposition (Burgin and Hamilton 2007; Galloway et al. 2008; Smith et al. 
1999). Today, non-point sources, including agricultural runoff, are frequently the largest 
contributor of anthropogenic nutrient loads to water bodies. According to the Food and 
Agricultural Organization of the United Nations (FAO), global demand for fertilizer use 
increased from 184,000 to 191,000 metric tons between 2015 and 2017, with N 
accounting for approximately 60% and P 22% of the total weight (FAO 2017). By 2020, 
fertilizer demand was predicted to increase by an additional 5% to over 200,000 metric 
tons, with proportional increases in the amounts of N and P content.  
 Global shifts in fertilizer demand have increased the amount being applied and 
also the form of N applied. Over the past several decades, fertilizer production has shifted 
away from ammonium nitrate based products, instead favoring urea-dominant fertilizers 
(Glibert et al. 2006). Urea fertilizers now account for more than 50% of global fertilizer 
applications, though anhydrous ammonia still makes up a significant portion of total N 
applications in the United States. From 1970 to 2015, NH4+-based fertilizers (which 
includes urea compounds) represented 80–90% of total N fertilizer use in the United 
States (Cao et al. 2018). These regional and global trends illustrate a gradual shift in the 
chemical composition of agricultural runoff, which is likely to continue to increase the 
 4 
proportion of chemically reduced N forms, relative to oxidized N forms, delivered to 
water bodies downstream of fertilizer applications (Newell et al. 2019).  
 Eutrophication is a problem along hydrologic continua from terrestrial 
environments to the sea. For instance, fertilizer applied on inland farms can be washed 
off fields, then travel through streams and rivers to lakes and, eventually, marine coasts 
(Smith 2003; Paerl 2009; Statham 2012; Brodie et al. 2012). Accordingly, negative 
impacts of excess nutrients are observed in both marine and freshwater environments. In 
the ocean and some freshwater lakes, eutrophication contributes to hypoxia (generally 
defined as dissolved oxygen concentrations < 2 mg L-1) via rapid enhancement of 
primary production and subsequent respiration of decaying organic matter (e.g., the Gulf 
of Mexico hypoxic zone; Rabalais et al. 2002) and is also responsible for the formation 
and persistence of nuisance and/or toxic phytoplankton blooms (Vitousek et al. 1997). 
Mitigating harmful effects of eutrophication in aquatic systems requires an understanding 
of nutrient sources and phytoplankton metabolic demands. The concept of a single 
limiting nutrient (based on Liebig's Law of the Minimum) has driven research efforts for 
decades (especially in freshwater bodies; e.g. Schindler et al. 1977, 2016), but in recent 
years, that concept has been re-evaluated. Rather than a single nutrient limiting growth, 
studies have demonstrated that synergistic effects between multiple potentially limiting 
resources (i.e., the sum of metabolic needs) are responsible for constraints on primary 
production (Danger et al. 2008; Harpole et al. 2011; Bracken et al. 2015). Following this 
change in perspective, a dual nutrient management approach has been advocated (Scott 
and McCarthy 2010; Paerl et al. 2016). In marine systems, the Redfield ratio of 16:1 N:P 
(by moles) describes the average proportion of these elements relative to each other in 
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algal biomass (Redfield et al. 1963). As a canonical metric, and despite its origin in 
ocean-derived data, it is often used to define nutrient limitation of growth in freshwater 
systems in which values above 16 are considered P limited and those below considered N 
limited. The Redfield ratio's relevance in freshwater is complicated by the fact that N:P in 
freshwater seston biomass and particulate matter is highly variable on either side of the 
16:1 ratio (Hecky et al. 1993; Elser et al. 2000; They et al. 2017).  
 As a consequence of both the Redfield ratio and strong relationships between P 
loads and phytoplankton biomass proxies, there has been a decades-long stance that only 
P management is necessary to control nuisance phytoplankton blooms. P concentrations 
and loads in eutrophic lakes are often correlated with chlorophyll a (e.g., Stow and Cha 
2013; Scavia et al. 2014) as P is obligate for basic growth requirements. Proponents of 
the P-only limitation model argue that any N limitation of growth can be mediated by 
atmospheric N (Schindler et al. 2008), which can be fixed by some, but not all, 
cyanobacteria. Under this argument, N limitation in phytoplankton blooms may be 
compensated for via a shift in the cyanobacteria community structure in which N fixing 
taxa become dominant over non-N fixers at the same rate of growth, but this ability has 
been refuted in both lake assessments and in culture. For instance, halting N inputs in one 
lake stimulated a decrease in total N concentrations and a concomitant reduction in N:P 
ratios alongside a decrease in both chlorophyll a and total phytoplankton biomass, 
indicating that N fixation was unable to support growth at the previous rate (Scott and 
McCarthy 2010). In another lake, interruption of external nutrient loading led to an 
eventual collapse of the cyanobacterial community when N:P ratios reached their lowest 
point, after which N fixers did not appear (Aubriot and Bonilla 2018). In the latter study, 
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culture experiments revealed suppression of P uptake under low N conditions, further 
supporting the argument that management of both N and P is often needed to mitigate 
eutrophication.  
The effects of shifting N and P ratios on cyanobacteria communities has also been 
explored. When bioavailable N and P are widely available, cyanobacteria may exist as 
mixed assemblage groups with high toxin production. If only P loading is reduced, but N 
loading remains high, cyanobacteria communities may become dominated by non-N 
fixing and toxic strains. If both N and P are reduced, non-toxic strains of non-N fixers are 
likely to dominate cyanobacteria assemblages (Fig. 1.1; Gobler et al. 2016).  
Dual nutrient control, in which both N and P are targeted, has successfully 
reduced the harmful effects of eutrophication in many aquatic systems (Paerl et al. 2016). 
Freshwater lakes in China (Chen et al. 2013) and Florida (James et al. 1994) were subject 
to reduced external and internal sources of N and P, and significant decreases in 
phytoplankton biomass and nutrient loads were observed. Similarly, efforts to reduce 
both nutrients in estuarine systems in the U.S. and Belgium resulted in restored 
ecosystem health (Boesch et al. 2001; Soetaert et al. 2006). Despite salinity differences, 
responses in these systems were similar, which demonstrates that watershed management 
of both N and P loading can mitigate ecosystem degradation from eutrophication in both 





Figure 1.1. Conceptual diagram of shifts in cyanobacterial populations that can be 
facilitated by high and low levels of N and P. (from Gobler et al. 2016). 
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1.2 Freshwater Eutrophication: Lake Erie and Harmful Cyanobacterial Blooms 
 Lake Erie is the second smallest (by surface area) and the shallowest of the 
Laurentian Great Lakes. Bordered by Ontario, Canada, and four U.S. states, Lake Erie’s 
drainage basin encompasses 78,063 km2 (PA DCNR 2010). The lake is subdivided into 
three morphologically and trophically distinct basins across its width (Fig. 1.2). 
Eutrophication from excess N and P has led to persistent, annual harmful cyanobacterial 
blooms in the western basin. The Detroit River is the primary source (80–90%) of water 
to the lake, while the Maumee River, with much more variable flow, contributes only 5% 
(Chen 2016). Despite the greater flow, the Detroit River is responsible for < 50% of the 
total P load delivered to Lake Erie, while the Maumee River watershed (16,376 km2, 
87.8% agricultural land use; Han et al. 2011) is responsible for the highest loads of N and 




Figure 1.2. Bathymetric map of Lake Erie showing the shallow western basin and deeper 
central and eastern basins (from http://ngdc.noaa.gov).  
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The western basin of Lake Erie (WLE) is shallow (mean depth = 7.4 m) and 
experiences annual harmful cyanobacterial blooms (cyanoHABs). Cultural eutrophication 
in the early-to-mid 1900s promoted significant increases in phytoplankton biomass in 
WLE (Allinger and Reavie 2013). By the 1960s, phytoplankton blooms, which were 
dominated by diatoms and N fixing cyanobacteria strains of Anabaena spp. (now 
Dolichospermum) and Aphanizomenon, were a major nuisance (Allinger and Reavie 
2013; Watson et al. 2016). In 1972, the USA and Canada signed the Great Lakes Water 
Quality Agreement (GLWQA), and in the same year, the U.S. Congress passed the Clean 
Water Act, both of which aimed to reduce negative anthropogenic impacts on 
environmental health in water bodies. Following the implementation of the GLWQA, 
external loads of P to WLE were reduced, and bloom formation temporarily abated. In 
the mid-1990s, blooms reappeared, but cyanoHAB community dominance shifted from 
filamentous, diazotrophic species to non-N fixing, single-celled Microcystis spp. (Watson 
et al. 2016). In 2014–2016, Microcystis comprised 98.1–99.5% of the cyanobacteria 
community in the open waters of WLE during the summer bloom season (Chaffin et al. 
2018).  
 Longstanding attention to nutrient loading to WLE has focused on P as the driver 
of blooms. More recently, N has been included in loading assessments, but often limited 
to oxidized forms (e.g., NO3-), despite the fact that NO3- loads from the Maumee River 
did not correlate with phytoplankton biomass in Lake Erie (Kane et al. 2014). Total N 
loading to WLE via the Maumee River averaged 41,146 metric tons during a recent five-
year period (2013–2017). Of that load, approximately 37,000 metric tons, or 89.8%, came 
from non-point sources (OEPA 2018). The fraction of chemically reduced N forms, such 
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as NH4+ and urea, delivered to WLE has increased over the last several decades, with the 
weekly average ratio of reduced to oxidized N ranging from 1–17 (depending on the 
year) since 2010 (Newell et al. 2019). Concurrent with this change, cyanoHAB severity 
in WLE has steadily increased since the mid-2000s (NOAA 2018, Davis et al. 2019).  
 Microcystis, the dominant cyanoHAB-forming genus in the open waters of WLE 
cyanoHABs, exist in toxin-producing and non-toxic strains. Toxic strains produce 
microcystin, a hepatotoxin rich in N (10 atoms N per molecule of toxin; Honkanen et al. 
1990). Microcystins are routinely detected in WLE open waters at levels above 
recommended safe limits during the cyanoHAB season (Watson et al. 2016). 
Accordingly, cyanoHABs in Lake Erie represent a threat to both environmental and 
human health and require nutrient management to mitigate.  
 
1.3 Coastal Marine Eutrophication: St. Joseph Bay and Seagrasses 
 Downstream from rivers and lakes, coastal marine ecosystems are also vulnerable 
to cultural eutrophication. As in freshwater systems, eutrophication of marine bodies 
promotes algal growth, leads to depletion of oxygen, and threatens certain aquatic species 
(Ryther and Dunstan 1971; Smith 2003). Seagrasses, which provide several important 
ecological services, are among the species under threat from excess nutrient loading 
(Hemminga and Duarte 2000; Waycott et al. 2009).  
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Figure 1.3. St. Joseph Bay and T.H. Stone Memorial State Park (from FL DEP 2014). 
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 St. Joseph Bay, in the panhandle of Florida (Fig. 1.3; FL DEP 2014), provides 
habitat for several seagrass species, including Thalassia testudinum (a.k.a. turtle grass), 
which develops in shallow sediments of the Gulf coast and Caribbean (Short et al. 2007). 
On a peninsula off the bay is T.H. Stone Memorial State Park and an aquatic preserve, 
which is designated for both recreation and conservation (FL DEP 2014). As a protected 
area, nearby areas are largely undeveloped, and Thalassia testudinum meadows are 
abundant along the shallow perimeter. The lack of anthropogenic activity provides an 
ideal site to study the effects of excess nutrient loading on natural systems that harbor 
ecologically important and threatened species.   
 
1.4 The Fate of NH4+ in the Water Column: Pathways and Measurement 
Techniques 
 The bulk of this dissertation (Chapters 2–4) focuses on NH4+ cycling in the water 
column of WLE. The complexity of the aquatic N cycle, with differing pathways 
requiring the same substrate or producing the same end product, requires careful 
consideration of methodology to ensure accurate determination of which processes are 
occurring. This work places particular emphasis on two pathways: (1) the exchange of 
NH4+ through biological uptake and regeneration; and (2) nitrification. These 
mechanisms have been studied via different approaches over the last several decades, and 
each analytical method is accompanied by benefits and limitations depending on the 
application, available equipment, and effort.  
 15N stable isotopes are the most ubiquitous of substrates used to measure the fate 
of NH4+ in the two previously described mechanisms. Unlike naturally abundant 14N, 15N 
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comprises ~0.37% of atmospheric N pools; accordingly, the addition of 15N-labeled NH4+ 
(98–99% atom % composition) at tracer or saturating levels, and subsequent 
measurement of 15N-labeled end products, allows for estimation of the fate of added 
15NH4+, which might otherwise be confounded by co-occurring N transformations.  
The use of 15N to measure inorganic N uptake was first described in Neess et al. 
(1962), wherein the authors added isotopically labeled N2 gas to seawater to quantify 
rates of N fixation. Following an incubation period, water was filtered to trap particulate 
matter, the 15N incorporated into biomass recovered as 15NH4+, and 15NH4+ then 
converted back to 15N2 for isotope assays via mass spectrometry (Neess et al. 1962). 
Dugdale and Goering (1967) then refined this method to delineate differences between 
uptake of “new” N (i.e., from N fixation and oxidized N) versus “regenerated production” 
(resulting from NH4+ uptake) during primary production. The authors additionally 
introduced light and dark incubation protocols to mimic phytoplankton responses to day 
and night conditions (Dugdale and Goering 1967).  
 In the late 1970s, two studies simultaneously described a series of calculations 
designed to determine rates of NH4+ uptake and regeneration via the measurement of 
changes in the total pool (15NH4+ + 14NH4+) over time following isotope amendment of 
aquatic samples. In one, Blackburn (1979) quantified NH4+ production/turnover (i.e., 
regeneration) in anoxic marine sediments, while rates of NH4+ excretion in water samples 
were determined in Caperon et al. (1979). Their respective equations, derived separately 
but mathematically identical, are now often referred to as the Blackburn-Caperon isotope 
dilution model. This model predicts that the total NH4+ pool changes linearly over time 
due to constant production and incorporation rates. NH4+ uptake is determined by the 
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disappearance of both 14NH4+ and 15NH4+ from the total pool, while regeneration is given 
as the production of “new” 14NH4+ (Blackburn 1979; Caperon et al. 1979). 
 While the regeneration portion of the Blackburn-Caperon model has been used 
extensively without modification (e.g., LaRoche 1983; Probyn 1987; Wheeler et al. 1989; 
Tupas and Koike 1991; Gardner et al. 1998; McCarthy et al. 2013; Hampel et al. 2018), 
attempts have been made to correct the model for certain conditions and assumptions. 
Glibert et al. (1982) re-evaluated the Blackburn-Caperon model for application when 
ambient NH4+ concentrations are near detection limits by quantifying the incorporation of 
15NH4+ into the particulate matter of marine plankton instead of via disappearance from 
the total aqueous pool. This revision also determined that, when NH4+ pool sizes at the 
initiation of the experiment are not significantly different from those at its termination, 
regeneration rates are roughly equal to uptake (Glibert et al. 1982).  NH4+ uptake rates 
determined in Glibert et al. (1982) were much lower (up to 2x less) than those determined 
using the Blackburn-Caperon calculations, leading the authors of the former to conclude 
that the latter overestimates biological NH4+ uptake. A follow-up study by Laws (1984) 
attempted to address the discrepancy in methods and concluded that uptake rates derived 
using the Blackburn-Caperon model may not be underestimates, but instead could include 
loss pathways other than biomass incorporation, including nitrification and the adsorption 
of NH4+ to particles (in sediment incubations).  
Subsequent studies have used some combination of the above techniques, or even 
derived entirely new calculations, to determine NH4+ uptake and regeneration. For 
instance, Wheeler et al. (1989) employed the Glibert et al. (1982) uptake modification, 
while retaining the Blackburn-Caperon (1979) model for regeneration, and Hoch et al. 
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(1994) quantified uptake via the Dugdale and Goering (1967) uptake equation and 
calculated regeneration by subtracting the net change in NH4+ concentrations from the 
uptake rate. Neuer and Franks (1993) proposed a different seawater dilution model, 
which assumes that all NH4+ uptake is attributable to phytoplankton, includes 
phytoplankton biomass, and derives regeneration rates in a manner similar to Hoch et al. 
(1994).   
Each of the above techniques requires specialized and expensive equipment (e.g., 
mass spectrometers) and, occasionally, further analytical effort and technology to 
differentiate between particle-bound and aqueous NH4+. A more recent, simple method of 
evaluating total community NH4+ dynamics was proposed by Gardner et al. (2017). 
Community biological ammonium demand (CBAD) may be determined using 14+15NH4+ 
pools, but alternatively can also be calculated as the change in total pool NH4+ 
concentrations over time (Gardner et al. 2017). Though not as high-resolution as 
techniques reliant on stable isotope differentiation, this method shows promising similar 
patterns to those determined via Blackburn-Caperon uptake calculations (see Chapter 4) 
and may be useful for those without easy access to necessary equipment and/or financial 
barriers to isotope analysis.  
Similar methodological and technological debates have also been found in 
different procedures for measuring nitrification rates in water. The advantages and 
limitations of the most common methods are described extensively in Ward (2011). As 
with NH4+ uptake and regeneration, several techniques employ isotope amendments to 
directly or indirectly quantify nitrification rates. Direct measurements involve 15NH4+ 
substrate additions, which are most frequently added in trace amounts relative to the 
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ambient NH4+ pool (e.g., Ward et al. 1984). Quantification of 15NO2- and 15NO3- 
produced from 15NH4+, often via post-incubation transformation to N2O and analysis via 
isotope ratio mass spectrometry (McIlvin and Altabet 2005; Granger and Sigman 2009), 
allows for detection of nitrification despite potentially co-occurring processes (Ward 
2011). Radioisotopes are also sometimes used. Nitrifiers are chemolithoautotrophs, so 
they consume carbon dioxide (CO2) during nitrification. Accordingly, studies using 
radioisotopes (Billen 1976; Rees et al. 2002) have amended samples with 14C-CO2, the 
biological fixation of which, along with changes in dissolved inorganic N (DIN) pools, 
are monitored to determine nitrification rates (Ward 2011). The radioisotope method of 
quantifying nitrification also requires nitrification inhibitors (e.g., acetylene, N-serve), 
dark incubations, and a conversion factor to transform 14CO2 uptake rates to NH4+ and 
NO2- oxidation rates. All of these methodological requirements can introduce uncertainty 
to nitrification estimates: dark incubations inhibit co-occurring phytoplankton activity, 
and many chemical inhibitors can similarly alter rates by inhibiting other, simultaneous 
processes involving biological N usage (Ward 2011).  
Another isotopic technique for measuring nitrification rates in water samples 
involves 15N incubations of either substrate (NH4+) or end product (NO3-), conversion of 
NO2- to a volatile intermediate dye, extraction of the dye, and analysis via gas 
chromatography and mass spectrometry (GCMS; Preston et al. 1998). This method has 
been modified to calculate nitrification rates via the Blackburn-Caperon model 
(Blackburn 1979; Caperon et al. 1979) for NH4+ uptake and regeneration (Clark et al. 
2007, 2008), and both the original and revised methods are recommended by their 
respective authors for use in oligotrophic waters. Stable isotope protocols that employ 
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incubations of reaction end product (i.e., 15NO3-) have also been developed for eutrophic 
systems. Carini et al. (2010) measured nitrification rates by quantifying the dilution of 
added 15NO3- by 14NOx species generated from ambient 14NH4+. The authors reported that 
rates generated via this method were comparable to those derived from 15NH4+ tracer 
additions and avoid potential concerns with alterations of the natural reaction substrate 
pool (Carini et al. 2010).  
As with techniques for quantifying NH4+ uptake and regeneration, these stable 
isotope-based methods for determining water column nitrification rates require 
specialized equipment, high sample processing effort, and/or a significant financial 
analysis cost. Additionally, if N demand is high, isotopic end products can be assimilated 
or transformed by microbes prior to measurement, which may lead to underestimates of 
rates. Conversely, adding substrate above in situ concentrations may stimulate rate 
processes, leading to overestimation (Glibert et al. 1982). End-product dilution methods 
may be criticized as indirect but avoid the risk of stimulating the pathway of interest. 
While monitoring changing inventories of NH4+ and NOx pools without added isotopes 
can be used to infer nitrification activity (and was one of the earliest reported techniques; 
e.g., Rakestraw 1936), the presence of other N transformational or biological usage 
pathways make specific pathway determination impossible. Accordingly, the non-
isotopic approach to determine nitrification via changes in DIN concentrations is mostly 





1.5 N Transformations in Sediments: Core Incubations  
 In Chapter 5, this dissertation explores N transformations at the sediment-water 
interface of a coastal marine system. At this interface, other major N cycle pathways not 
explored in the previous chapters (N fixation, denitrification, anammox, and DNRA, all 
of which occur in anoxic conditions) are discussed. As with NH4+ pathway quantification, 
these mechanisms have been studied through a variety of methods, each with benefits and 
drawbacks depending on the study system, questions of interest, and available 
technology.  
 N fixation, the process by which gaseous N2 is converted to NH4+ or organic N 
compounds, has been measured several ways. Among the simplest methods, the 
determination of growth and morphology of N fixers (i.e., counting heterocytes, the 
specialized cells used by certain cyanobacteria to protect the nitrogenase enzyme from 
oxygen; Haselkorn 1978) has been used to infer N fixation activity. However, not all N 
fixers make heterocytes, and if actual N concentrations are not quantified, this inference 
may be inaccurate (Hardy et al. 1973). Stable isotope enrichment of N compounds via 
15N-labeled N2 additions have also been used to measure N fixation directly. This method 
is sensitive and avoids concerns with natural atmospheric N2 abundance, but requires 
mass spectrometers and can be expensive (Hardy et al. 1973). Acetylene-ethylene assays, 
in which acetylene is reduced to ethylene (Hardy et al. 1968), are simple and cost 
effective. Unfortunately, the use of acetylene interferes with other N transformational 
processes that may be co-occurring in the environment (Fulweiler et al. 2015), such as 
aerobic nitrification (Hynes and Knowles 1982) and denitrification (Balderston et al. 
1976).  
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Methods of measuring denitrification have similar benefits and challenges. One 
method takes advantage of acetylene’s interference with denitrification (specifically the 
final step, in which nitrous oxide (N2O) is converted to N2; Sørensen 1978) to quantify 
N2O production as a proxy for denitrification. As stated previously, acetylene also 
inhibits nitrification, which can lead to underestimates of denitrification when tightly 
coupled to nitrification as the source of substrate, particularly in sediments with redox 
gradients (Seitzinger et al. 1993; Groffman et al. 2006). The presence of other factors, 
such as sulfide, can also prevent acetylene from blocking the conversion of N2O to N2, 
leading to underestimates of denitrification via this method (Seitzinger et al. 1993; 
Cornwell et al. 1999). Isotopic approaches, such as additions of 15N-labeled NO3-, can 
allow for direct, potential estimates via incorporation into 15N2, but some suggest that 
these additions artificially enhance denitrification (Cornwell et al. 1999).  
The isotope pairing technique (IPT; Nielsen 1992) was designed to measure 
denitrification in sediments via additions of 15NO3-. Unlike direct measurements of 15N 
only, this method aims to include 14N2 formation via calculation of 28N2 formed from an 
apparent binomial relationship between 28, 29, and 30N2 (Nielsen 1992). As described in 
Chapter 5, this method has been re-evaluated (e.g., Steingruber et al. 2001; Eyre et al. 
2002) and its assumptions (including the binomial distribution of N2 species) challenged. 
Since the advent of membrane inlet mass spectrometry (MIMS), which measures 
dissolved gases in water (Kana et al. 1994), other processes in the N cycle have been 
incorporated into revised IPT techniques. Through the use of 15N additions and modified 
isotope production calculations, simultaneous measurement of N fixation and 
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denitrification (An et al. 2001), anammox (Risgaard-Peterson et al. 2003), and DNRA 
(Song et al. 2016; Salk et al. 2017) in sediments are now theoretically possible.  
As reviewed in Chapter 5, IPT calculations involve four assumptions, one of 
which is that the production of N2 from NO3- reduction and NH4+ oxidation (i.e., coupled 
nitrification-denitrification) remains low in sediments (Eyre et al. 2002). This assumption 
requires using anoxic slurries, which eliminate redox gradients and thereby disrupt 
natural N transformation processes that proceed at the boundaries of oxic and anoxic 
sediment. As such, all slurry sediment N pathway techniques, used with or without IPT 
calculations, are likely to underestimate several rates, but especially coupled nitrification-
denitrification (Laursen and Seitzinger 2002). Therefore, sediment incubation design 
should be carefully considered depending on experimental aims.  
 
1.6 Molecular Methods: qPCR and amoA 
 Biogeochemical N usage and transformations are tied to specific enzymes that 
catalyze each reaction. Efforts to tie biogeochemical rate quantification to underlying 
biology often seek to describe the activity of these enzymes or the genetic sequences that 
encode for them. One method of isolating specific genes of interest is quantitative 
polymerase chain reaction, or qPCR. Through the addition of a fluorescent dye and 
primers that bind to the forward and reverse ends of DNA (or cDNA, reverse-transcribed 
from RNA) sequences, the sequence of a gene amplicon can be copied and quantified in 
real time (Ginzinger 2002).  
 qPCR techniques have been widely used in microbial ecology, and advantages 
include the ability to quantify low gene copy abundances (Fey et al. 2004) and fast 
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reactions (Derveaux et al. 2010). However, concerns about experimental variability and 
resulting interpretation have been raised, requiring careful consideration of approach and 
comparisons between studies (Smith et al. 2006; Smith and Osborn 2009). qPCR 
interpretation is also dependent on the unit of measure. DNA, the base genetic code, 
provides insight into organismal potential, but not necessarily activity. RNA can be used 
to determine actual expression, but may not reflect the entirety of an organism’s 
capability, depending on environmental factors, such as substrate availability, oxygen 
concentration, etc.  
 In this dissertation, qPCR was used to quantify certain N transformational genes 
of interest from DNA extracted from water column and sediment samples. 
Acknowledging the caveat of potential rather than actual activity, DNA can provide 
insight into community abundances and distributions without the need for full genetic 
sequencing. Additionally, depending on microbial niche and the study organism, DNA 
may be used to infer some activity. For instance, ammonia-oxidizers are 
chemolithoautotrophic and derive energy from the oxidation of NH4+ (Ward 2008). 
Therefore, if other factors are not limiting (e.g., depleted substrate, low or no oxygen), 
nitrifiers should be active if present.  
 
1.7 Aims and Findings 
 The effects of coastal eutrophication are well known in some ecosystems, but not 
as thoroughly described in others. Coastal ecosystems, both marine and freshwater, vary 
in watershed use, levels of anthropogenic development, physical structure, and internal 
dynamics. Though a comprehensive survey is beyond the scope of this body of work, the 
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overarching question of the following research is: what are some of the potential fates of 
N in coastal aquatic ecosystems? Answering this question requires an understanding of 
adjacent terrestrial processes that deliver N to water bodies and within-system N 
transformations and cycling.  
 Though the importance of N in freshwater systems, particularly that of chemically 
reduced forms, such as NH4+ and urea and their role in fueling cyanoHABs, has been 
described in recent literature, quantification of actual NH4+ cycling rates in the water 
column remains lacking for many lakes affected by high nutrient loads and cyanoHABs. 
Given the long history of cyanoHABs and resulting environmental and human health 
concerns, it is surprising that Lake Erie is among those without published data on water 
column NH4+ cycling. This dissertation is thus presented to help fill several of these gaps 
in the Lake Erie literature.  
N loading to coastal marine systems has been previously examined at various 
locations across the globe, and many studies have included the direct effects of high N 
inputs on and around submerged vegetation, which is critical for ecosystem health and 
function. Methodology across these studies has varied widely; some have implemented 
stable isotope tracers to directly determine the fate of specific N species, while others 
have used ambient nutrient fluxes. Sediments are crucial zones of redox dynamics that 
govern the partitioning of certain N cycling processes, and published studies have used 
both sediment slurries and intact cores to quantify fluxes, raising questions about 
comparability of results across studies. In addition, the role of vegetation in sediments 
has sometimes been examined, but direct comparisons of N fluxes in vegetated versus 
unvegetated sediments has been infrequent. 
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The following chapters describe experimental efforts to quantify N cycling rates 
along the hydrologic continuum from freshwater to marine coastal ecosystems. NH4+ 
regeneration and potential uptake (including nitrification) rates were quantified to 
describe the fate of NH4+ in the water column across seasonal and spatial gradients 
related to annual cyanoHABs in WLE. The Blackburn-Caperon model was used to 
quantify whole-community NH4+ regeneration and potential uptake (Chapter 2). For 
nitrification rates (Chapter 3), the direct tracer method (Ward et al. 2008) was used, and 
the pool dilution approach (Carini et al. 2010) was employed to supplement the tracer 
experiments (Chapter 4). Additionally, molecular techniques (qPCR) were used to 
quantify the abundance and composition of the nitrifying community, which was then 
compared to measured nitrification rates to determine whether ammonia-oxidizing 
community abundance and relative structure was related to activity. Some combination of 
these approaches has been used in other Microcystis-dominated eutrophic lakes, such as 
Taihu (China; Hampel et al. 2018) and Okeechobee (USA; Hampel et al. 2019, 2020), 
which allows for the direct comparison of rate patterns between different lakes with 
similar, underlying eutrophication problems. In coastal Florida, incubations of intact 
sediment cores in continuous flow systems (where overlying water is regularly 
replenished, ensuring that oxygen remains available in the water column) were employed 
to quantify many of the other major pathways of the aquatic N cycle, including N 
fixation, denitrification, anammox, and DNRA. Genetic potential of these processes in 
collected sediments was also determined via qPCR quantification of abundance of 
relevant functional genes (Chapter 5). 
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 Overall, this work provides insights into the N cycling responses of two aquatic 
ecosystems to excess N loading. Previously undescribed NH4+ and cyanoHAB dynamics 
in the water column of Lake Erie were determined via three field seasons of experimental 
study. Results demonstrate that, following bloom initiation driven by external nutrient 
loads, turnover/regeneration of NH4+ in the water column plays an important role in 
sustaining western basin cyanoHAB biomass and toxicity in WLE. Results also show that 
nitrification did not contribute substantially to total community NH4+ uptake and, despite 
an abundant nitrifier community, nitrification is suppressed by cyanoHABs. The inability 
of nitrifiers to compete effectively with cyanoHABs for NH4+ inhibits the eventual 
removal of external N loading via denitrification. Considered holistically, these findings 
emphasize the importance of internal NH4+ cycling in fueling cyanoHABs in WLE and 
illustrate that the lake cannot compensate for large external N sources. In coastal Florida, 
seagrass beds were able to remove some excess N via denitrification but were also 
subject to DNRA, which returns N to the system in a highly bioavailable form (NH4+). 
Thus, this work supports recent literature highlighting the need for external N, in addition 
to existing P, load reductions to mitigate the effects of cyanoHABs in WLE and other 
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CHAPTER 2. INTERNAL NITROGEN LOADING SUPPORTS HARMFUL 
CYANOBACTERIA BLOOMS IN WESTERN LAKE ERIE  
 
ABSTRACT 
Lake Erie cyanobacterial harmful algal blooms (cyanoHABs) occur every summer as a 
result of anthropogenic nutrient loading. While the physiological role of nitrogen (N) in 
supporting bloom biomass and toxin production is established, patterns of N cycling in 
the water column are missing from literature. Over three field seasons (2015–2017) I 
collected water from the western basin and employed bottle incubations with                 
15-ammonium (NH4+) additions to determine rates of uptake and regeneration in the water 
column. Potential uptake rates followed spatial and seasonal patterns, with the greatest 
rates measured nearest the Maumee River inflow and during peak bloom months (August 
and September). Regeneration followed a similar spatial pattern but was greatest in early 
summer (June and July) and unable to support uptake during the height of the bloom. 
When extrapolated to the basin, internal regeneration of NH4+ may exceed the seasonal 
external N load and contribute 60–200% of the annual load of N to the western basin as 
an internal source. Regeneration may also support cyanoHAB toxicity, as microcystin 
cell quotas were greatest when internal loading from regeneration was greater than 
external loads, but prior to severely N-limited conditions during peak biomass periods. 
These findings suggest that internal regeneration of NH4+ must be considered when 
evaluating the role of N in cyanoHAB management strategies. 
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2.1 INTRODUCTION 
 Microcystis-dominated cyanobacterial harmful algal blooms (cyanoHABs) in 
western Lake Erie (WLE) have increased in severity since the mid-2000s and gained 
widespread media attention following the 2014 Toledo water crisis when microcystins 
(MC) produced by the bloom made it into finished drinking water, causing an estimated 
economic losses of $65 million (Bingham et al. 2015). Bloom activity in Lake Erie varies 
by year depending on external nutrient loading, water temperature, precipitation patterns 
in adjacent watersheds, and isolated severe weather events. These influencing factors are 
regularly monitored by multiple government and academic entities, but the role of 
internal nutrient cycling (i.e., transformations and recycling within the lake) in promoting 
and sustaining WLE cyanoHABs is poorly understood. 
 WLE cyanoHABs are driven by high nutrient loads from the Maumee River 
watershed, where land use is primarily agricultural and which contributes to cultural 
eutrophication of WLE via fertilizer-rich runoff (Richards et al. 2010; OEPA 2018; 
Newell et al. 2019). Attention to nutrient loading into WLE has long focused on 
phosphorus (P) as the key driver of cyanoHABs (e.g., Chapra and Robertson 1977; 
Forster et al. 1985). More recently, nitrogen (N) has been included in loading 
assessments, but often limited in scope to cursory evaluations of total nitrogen (TN) and 
oxidized N forms (e.g., nitrate (NO3-)), even though NO3- loads from the Maumee River 
did not correlate with phytoplankton biomass in Lake Erie (Kane et al. 2014). However, 
the fraction of the TN load comprised of chemically reduced N forms (as total Kjeldahl 
N; TKN) delivered to WLE has increased over the last several decades and is related to 
cyanoHAB biomass (Newell et al. 2019). Similarly, the proportion of soluble reactive P 
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in the total P load has also increased (Richards et al. 2010; Stow et al. 2015; Jarvie et al. 
2017). Concurrent with these changes in nutrient loading, cyanoHAB severity in WLE 
has increased since the mid-2000s (NOAA 2018).  
 N demand in freshwater phytoplankton communities depends on many factors, 
including lake trophic status, community composition, concentrations and ratios of 
bioavailable N forms, grazing, and climate. For instance, the likelihood of cyanoHAB 
dominance is increased when water temperatures are warm (~ 25 °C), as cyanobacterial 
growth is enhanced relative to many other phytoplankton at elevated temperatures (Paerl 
and Huisman 2008; Glibert et al. 2016). Many studies have also demonstrated that 
phytoplankton community structure can depend on NH4+ availability (McCarthy et al. 
2009; Monchamp et al. 2014; Glibert et al. 2016). Cyanobacteria, particularly non-N-
fixers, are excellent at scavenging NH4+ and often outcompete eukaryotic organisms 
(e.g., diatoms) for available NH4+ in the water column (Blomqvist et al. 1994; 
Hyenstrand et al. 1998).  
The resource-ratio theory suggests that cyanobacteria should dominate when N:P 
ratios are low by favoring N-fixing taxa (Smith 1983, 1990), while more recent work 
posits that, when inorganic N loads are high relative to bioavailable P, as in WLE, 
cyanobacteria populations may shift from non-toxic to toxic strains, especially non-N 
fixers (e.g., Chaffin et al. 2013; Steffen et al. 2014; Gobler et al. 2016; Paerl et al. 2016). 
Other studies have asserted that nutrient concentrations alone, rather than ratios, 
determine cyanobacterial success in lakes (e.g., Downing et al. 2001; Paerl 2008). 
Despite the debate, it is clear that mitigation strategies that emphasize P loading 
reductions, without also considering N, may enhance the dominance of toxic, non-N 
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fixing taxa in seasonal blooms, as previously observed in Lake Erie (Davis et al. 2015; 
Gobler et al. 2016; Jankowiak et al. 2019).  
 Inorganic N loading from the Maumee River to WLE has changed in chemical 
composition over the last several decades. Since the 1970s, the fraction of TKN (includes 
NH4+, urea, and dissolved and particulate organic N) in Maumee River loads has 
increased, with a more rapid increase after the year 2000 than during the preceding 30 
years (Newell et al. 2019). This pattern occurred despite decreases in TN and NO3- 
concentrations in the same loads. The ratio of TKN:NO3- in Maumee river loads also 
correlated with annual cyanoHAB biomass (Newell et al. 2019), which contrasts with the 
lack of correlation observed between NO3- loads and cyanoHAB biomass in WLE (Kane 
et al. 2014).  
 The availability, affinity, and metabolic importance of different N forms, 
particularly NH4+, may influence cyanoHAB dynamics. Due to lower energetic costs for 
assimilation, the preferred N sources for most phytoplankton, especially cyanobacteria, 
are chemically reduced N forms, such as NH4+ and urea (Glibert et al. 2016; Belisle et al. 
2016). NH4+ easily traverses cell membranes and is immediately assimilated (Flores et al. 
1980). Cyanobacteria, especially non-N fixing taxa, are excellent competitors for 
available NH4+ (Blomqvist et al. 1994; Monchamp et al. 2014; Glibert et al. 2016). ntcA, 
the global N assimilation gene in cyanobacteria, is repressed by NH4+ at levels > 1 µM 
(Lindell and Post 2001) and mediates the expression of genes involved in uptake and 
assimilation of other N forms (e.g., NO3-; Herrero et al. 2001). Microcystis and many 
other toxin-producing, bloom-forming taxa (e.g., Planktothrix) cannot fix atmospheric N2 
and thus rely on dissolved N, particularly NH4+, in the water column (Paerl et al. 2016). 
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Maximum uptake rates (Vmax) for NH4+ are 4–6 times greater than those for NO3- in 
Microcystis (Takamura et al. 1987). This affinity for NH4+ has important implications for 
toxin production in Microcystis, which produces the cyanotoxin MC. MC concentration 
and biomass increased for non-N fixing cyanobacteria in response to NH4+ additions 
(Davis et al. 2015), and NH4+ and urea induced upregulation of MC-associated genes 
(Harke et al. 2016) more quickly than NO3- (Chaffin et al. 2018). Conversely, low NH4+ 
concentrations may inhibit toxin production as a result of ntcA activation, the product of 
which can bind to the mcy gene cassette responsible for MC production and repress its 
activity (Kuniyoshi et al. 2011).  
 NH4+ cycling rates in other eutrophic, temperate lakes are higher near external 
nutrient sources (e.g., river discharge areas) and during summer months (McCarthy et al. 
2007, 2013). The high bioreactivity of NH4+
 
leads to rapid recycling within the sediments 
and water column, making it difficult to accurately characterize in situ NH4+ availability 
when water samples are not collected and handled in a way to prevent continued 
microbial activity (McCarthy et al. 2013; Reed et al. in review). This reactivity and rapid 
recycling also mean that snapshot sampling and monitoring efforts for NH4+ 
concentrations cannot accurately characterize NH4+ availability in situ. Thus, measuring 
NH4+ assimilation and turnover/recycling rates is needed to determine in situ availability 
and better understand the extent to which NH4+ may limit cyanoHAB formation and 
toxicity (Gardner et al. 2017).  
 Over a span of three field seasons (April through October, 2015–2017), NH4+ 
regeneration and potential uptake rates were quantified in WLE to evaluate differences in 
microbial NH4+ demand and recycling. Potential NH4+ uptake includes assimilation into 
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primary producer biomass and nitrification, which occur simultaneously in mixed 
microbial community assemblages. Regeneration of NH4+ includes, but is not limited to, 
remineralization of particulate and dissolved organic compounds, microplankton 
excretion (including algal exudation), and sloppy feeding by grazers (Hopkinson et al. 
1987; Valdés et al. 2018). I further determined the capacity of NH4+ regeneration 
processes to support community NH4+ demand in the water column across the bloom 
season by quantifying the role of internal NH4+ recycling in meeting bloom demands.  
 I expected that NH4+ uptake and regeneration rates would follow common 
patterns found previously (i.e., photic uptake will exceed dark uptake, potential uptake 
rates will be greatest during peak bloom months, potential uptake will exceed 
regeneration rates) and follow spatial and temporal trends consistent with seasonality and 
distance from the river mouth. Specifically, I hypothesized that: (1) both NH4+ 
regeneration and potential uptake rates would be greater nearest the primary nutrient 
source and will decrease with distance from the mouth of the Maumee River; (2) both 
NH4+ regeneration and potential uptake rates would increase along a seasonal gradient 
beginning in late spring/early summer and peaking during the historical height of the 
bloom (August and September) before decreasing following bloom senescence; and (3) 
rates measured in near-surface waters would be greater than those from near-bottom 
waters. Additionally, I anticipated that the proportion of internal NH4+ regeneration 
capable of supporting potential NH4+ uptake would increase throughout the same 
seasonal gradient as NH4+ uptake and regeneration rates. Given the importance of NH4+ 
to the metabolic demands of cyanoHABs, and the difficulty of accurately measuring in 
situ concentrations, quantifying these NH4+ cycling pathways and their possible drivers is 
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2.2.1 Field sampling 
Water column samples were collected in conjunction with the NOAA Great Lakes 
Environmental Research Laboratory (GLERL) weekly HABs monitoring program in 
2015, 2016, and 2017. The two largest cyanoHABs on record occurred in 2011 and 2015, 
which ranked at 10 and 10.5, respectively, on the NOAA HAB severity index (SI) scale 
(Wynne et al. 2013; NOAA HAB Bulletins, 
https://www.glerl.noaa.gov/res/HABs_and_Hypoxia/bulletin.html). In contrast, the 2016 
cyanoHAB was relatively mild (SI = 3.6), while the 2017 cyanoHAB was less severe 
than 2011 and 2015 (SI = 8; NOAA 2018). Water column cyanoHABs reached mean 
areal coverages of 1270, 587, and 650 km2 in 2015, 2016, and 2017, respectively 
(MODIS MCH; Sayers et al. 2019). Bloom initiation in 2015 was first reported on July 
15, reached peak biomass in August, and dissipated by mid-October (NOAA 2015 a, b). 
The 2016 cyanoHAB also began in mid-July, but at a much smaller starting size than the 
previous year (NOAA 2016a). The 2016 bloom deviated from historical patterns by 
peaking in August, decreasing in biomass soon after, then peaking again in late 
September before dissipating in October (NOAA 2016b). The first reports of 
cyanobacteria in Maumee Bay in 2017 occurred the same week as the previous two years 
(mid-July). Like 2016, the 2017 cyanoHAB peaked in both August and September, and 
biomass persisted in the upper western basin until late October (NOAA 2017).
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Figure 2.1. Western Lake Erie sampling stations. Stations are located at the following 
coordinates (latitude, longitude): WE6 (41.70555, -83.386533), WE2 (41.7638, -
83.330617), WE4 (41.8269833, -83.192117), and WE13 (41.7429167, -83.138783). 
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Three stations (WE6, WE2, WE4; Fig. 2.1) were sampled monthly from June–
September 2015 (Table 2.1), while four stations (those previously mentioned plus WE13; 
Fig. 2.1) were sampled in 2016 and 2017 during May–October (with an additional 
sampling at WE2 in April 2016). These stations were chosen to represent a spatial and 
depth gradient moving away from the Maumee River inflow to WLE. Not all stations 
were sampled during each month, and sampling occurred in different months in different 
years due to opportunity and weather issues, which particularly impacted sampling in 
2016, when frequent storms interrupted scheduled sampling events. At each station, water 
was collected from two depths (~1 m below the surface and ~1 m above the sediment) 
using a 5-L Niskin bottle. 10 L of water was collected from each depth and transferred 
into 20-L polyethylene carboys. 12 ml ambient nutrient (PO43-, NH4+, urea, NOx NO2-, 
NO3-) samples were filtered immediately on-site (0.2 µm Nylon filters) into 15-ml, 
polypropylene sample tubes and frozen in the field (on dry ice) until transfer into a -20 
°C freezer in the lab. Other biological and physicochemical parameters (water 
temperature, dissolved oxygen (DO), Secchi depth, conductivity, photosynthetically 
active radiation (PAR), turbidity, and chlorophyll a, phycocyanin, and MC 
concentrations) were collected from surface waters and analyzed by NOAA GLERL and 
CIGLR (Cooperative Institute for Great Lakes Research; University of Michigan and 







 NH4+ uptake and regeneration rates were quantified via the addition of 15N-
labeled NH4+ (McCarthy et al. 2013). 1-L aliquots of site water from each station and 
depth were amended with 15NH4Cl (98 atom % 15N, Sigma Aldritch; approximate final 
concentration 8–24 uM depending on sample date and bloom conditions; Table 2.1), 
mixed, and distributed among six clear and colorless 125 mL Nalgene bottles for 
triplicate light and dark (i.e., foil-wrapped) incubations. Initial samples from each bottle 
were collected immediately using a syringe and canula, filtered (0.2 µm), and frozen at    
-20 °C until analysis. Bottles were incubated for 16–25 hours (Table 2.1) in simulated 
ambient lake conditions (outdoor water bath, not temperature-controlled) before being 
filtered (0.2 µm) into 15-mL polypropylene sample tubes for total NH4+ analysis (i.e., 14N 
+ 15N) and immediately frozen at -20 °C until analysis. Pre- and post-incubation samples 
for 15NH4+ analyses were filtered into 12-ml Exetainers (Labco) with no headspace, 
sealed with double-wadded septa caps, and stored in the dark at room temperature (17 
°C) until analysis (within one week). 
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April April 19 20.2 April
WE2 -- WE2 8 WE2 --
May May 18 25 May 30 18.8
WE6 -- WE6 -- WE6 8
WE2 -- WE2 -- WE2 8
WE4 -- WE4 8 WE4 8
WE13 -- WE13 8 WE13 8
June 22 15.7 June 27 23.5 June 12 20.4
WE6 8 WE6 8 WE6 8
WE2 8 WE2 8 WE2 8
WE4 8 WE4 8 WE4 8
WE13 -- WE13 8 WE13 8
July 20 18.5 July 11 16.5 July 17 20.6
WE6 8 WE6 8 WE6 8
WE2 8 WE2 8 WE2 8
WE4 8 WE4 8 WE4 8
WE13 -- WE13 -- WE13 8
August 10 0.380 August 8 24 August 14 20.9
WE6 8 WE6 32 WE6 24
WE2 8 WE2 32 WE2 24
WE4 8 WE4 32 WE4 24
WE13 -- WE13 32 WE13 24
September 28 16.5 September 19 20.8 September 18 23.9
WE6 8 WE6 10 WE6 20
WE2 8 WE2 10 WE2 20
WE4 8 WE4 -- WE4 10
WE13 -- WE13 -- WE13 15
October October 17 22.2 October 10 20
WE6 -- WE6 8 WE6 20
WE2 -- WE2 8 WE2 20
WE4 -- WE4 8 WE4 10
WE13 -- WE13 8 WE13 15
2015 2016 2017
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2.2.3 Sample Analysis and Rate Calculations 
Total NH4+ concentrations were determined via colorimetric flow-injection 
analysis (Lachat Quikchem 8500). 15NH4+ concentrations were quantified via OX-MIMS 
(Yin et al. 2014). Briefly, standards of known 15NH4+ concentrations (0–100 µM) were 
prepared, and standards and samples were injected with 200 µl potassium hypobromite 
solution, converting all dissolved NH4+ in solution to dinitrogen gas (N2). Dissolved gas 
concentrations of 29N2 and 30N2 were then immediately analyzed via membrane inlet mass 
spectrometry (MIMS; Kana et al. 1994). Standards were plotted in a linear regression (r2 
≥ 0.99) as the signals of 29N2 + 2(30N2) vs. known 15NH4+ concentration, and the resulting 
linear equation was used to calculate 15NH4+ concentration in samples. Total NH4+ 
concentrations were then used to determine the 15NH4+ to total NH4+ ratio for use in 
isotope dilution calculations. Rates of NH4+ regeneration and potential uptake were 
calculated using isotope dilution models (Blackburn 1979; Caperon et al. 1979). Potential 
NH4+ uptake rates were qualified as potential rates due to saturating-level isotope 
additions (McCarthy et al. 2013), but rates determined from saturating-level isotope 
amendments tend to converge with actual rates in highly productive aquatic systems 
(Glibert et al. 1988). Actual NH4+ regeneration rates are represented by the production of 
"new" 14NH4+, diluting the total NH4+ pool via relative 14NH4+ enrichment (Gardner et al. 
2017). The relative abundance ratio (R) of 15NH4+ at each sampling time point is defined 
as: 
Equation 1:  R = 15N / (15N + 14N) 
where 15N and 14N represent concentrations of 15NH4+ and 14NH4+, respectively. This ratio 
was then used to calculate NH4+ regeneration rates (d):  
 60 
 Equation 2: d = (R0 – Rt) / t * (C0 / Rt) 
where C0 is the total NH4+ concentration at the initial sampling timepoint (T0), R0 is the 
ratio at T0, Rt is the ratio at the final sampling time, and t is incubation period. Finally, the 
potential NH4+ uptake rate (i) was generated from a linear equation incorporating the 
NH4+ regeneration rate as follows:  
 Equation 3: ln(Rt) = ln(R0) – (d/(d-i) ln (Ct/C0) 
where Ct is the concentration at the final sampling time point. Potential NH4+ uptake and 
actual NH4+ regeneration rates are presented in units of µmol N L-1 h-1.   
 During the August 2015 sampling event, isotope substrate additions were 
undetectable after 21 hours of incubation, which prevented a rate calculation for the 
incubation period. However, upon analysis of initial time-point samples, we measured a 
clear decrease (up to 50%) in 15NH4+ concentration between the known isotope 
amendment and filtering of the initial sample (~15 minutes). Therefore, for this sampling 
event, I calculated NH4+ regeneration and potential uptake rates for the abbreviated 
period. Additionally, rates for one station (WE6) were measured from a separate 
sampling event five days prior to the others, and this data is included in and briefly 
mentioned in the Discussion, but not included in any of the statistical analyses presented 
here.  
 
2.2.4 Statistical Analyses 
 All analyses were performed in R (version 3.6.1; R Core Team 2020). Rates were 
visually examined for assumptions of normality and heteroscedasticity and via Shapiro-
Wilk tests; all failed to meet normality assumptions, so they were log-transformed prior 
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to analysis. To understand the potential influence of sampling month on differences 
between stations, a mixed effects model was constructed by designating station as a fixed 
effect and month as a random effect; in this model, the random effect was not significant, 
so linear models without a random effect were used to evaluate spatial and temporal 
hypotheses separately. To evaluate differences in rates (potential NH4+ uptake in the light 
and dark, NH4+ regeneration) between stations, I ran a linear model with rate as the 
response variable and station as the predictor variable. To explore potential effects of 
depth on rates at each station, additional models were designed with both station and 
depth as predictors. To determine temporal effects, I constructed two linear models: in 
both, rates were designated as the response, but month or year were used as the 
predictors. All linear models were conducted with the lm function from the “lme4” 
package (Bates et al. 2015). Differences among treatment means were determined via 
Tukey’s HSD post hoc tests using the emmeans function from the "emmeans" package 
(Lenth 2019).  
To explore potential spatial and temporal differences in environmental drivers of 
cyanoHABs, I first employed a multivariate approach (principal component analysis); 
however, the data by each grouping (station, month, and year) was too homogenous to 
derive meaningful results, so Spearman’s Rank correlations were calculated using the 
rcorr function from “Hmisc” package (Harrell 2019) to inform relationships between 
NH4+ regeneration and potential uptake and environmental variables.		
Data below is frequently presented in boxplots, where the box is the interquartile 
range (IQR), the upper and lower limits of the box are the upper and lower quartiles, and 
the interior line is the median. Lines outside of the box represent upper and lower limits 
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2.3.1 Ambient Conditions 
Water column nutrient concentrations (Table 2.2) followed expected spatial and 
temporal patterns, with concentrations decreasing with distance from the Maumee River. 
NH4+ concentrations peaked in June and decreased through the bloom season. NH4+ 
concentrations during the mid-summer maxima decreased along the distance gradient 
from the river input. NO3-+NO2- (NOx) concentrations were usually 5–65x greater than 
NH4+ values and followed a similar spatial trend, with peak NOx concentrations observed 
near the Maumee River discharge. NOx concentrations generally peaked later than NH4+ 
concentrations before decreasing to less than 1 µM at the westernmost stations late in the 
sampling season. Urea concentrations followed similar patterns to those for NH4+, with 
higher concentrations in June decreasing through the sampling season. Orthophosphate 
(ortho-P) concentrations in the westernmost part of the basin decreased from mid-
summer until bloom initiation. High ortho-P concentrations (5–20 µM) were observed in 
surface waters in September 2015, despite most N forms being depleted. Ortho-P 
concentrations in 2016 did not exhibit the decreasing trend observed in the other two 
years. 
 63 
Table 2.2. Ambient nutrient concentrations (µmol N or P L-1) for ammonium (NH4+), 
nitrite (NO2-), nitrate (NO3-), orthophosphate (ortho-P), and urea near the water surface of 
each station and sampling event. BDL = below method detection limit.  
Date Station NH4 (µM) NO2 (µM) NO3 (µM) OP (µM) Urea (µM)
22-Jun-15 WE6 7.01 1.21 260 4.10 2.71
WE2 4.03 0.320 315 1.31 1.35
WE4 0.646 0.120 22.0 0.040 1.18
20-Jul-15 WE6 5.36 1.93 196 4.19 2.71
WE2 1.45 2.17 216 3.27 1.44
WE4 BDL 1.58 49.5 0.040 0.692
10-Aug-15 WE6 BDL 0.740 91.2 0.510 0.470
WE2 BDL 0.730 99.0 1.21 0.310
WE4 BDL 0.260 4.98 0.050 0.310
28-Sep-15 WE6 0.650 BDL 0.032 5.56 0.500
WE2 4.86 BDL 0.024 20.7 0.500
WE4 0.300 BDL 0.014 6.92 1.50
19-Apr-16 WE2 4.21 0.730 45.6 0.170 0.450
30-May-16 WE4 1.72 BDL 9.50 0.050 0.600
WE13 6.04 0.370 15.1 0.600 0.400
27-Jun-16 WE6 9.72 1.57 48.8 1.35 2.08
WE2 5.49 0.500 26.1 0.280 0.560
WE4 0.54 0.410 11.9 0.010 0.410
11-Jul-16 WE6 0.250 7.40 326 0.080 0.650
WE2 2.10 0.870 30.6 0.130 0.390
WE4 0.670 0.560 18.0 0.060 0.250
8-Aug-16 WE6 0.020 0.130 4.97 0.060 0.490
WE2 0.420 0.570 12.1 0.040 0.300
WE4 BDL 0.790 8.84 0.050 0.570
WE13 0.840 0.200 5.40 0.070 1.30
19-Sep-16 WE6 0.800 0.510 9.49 0.790 2.10
WE2 2.41 0.710 5.78 0.890 0.770
17-Oct-16 WE4 1.86 0.430 19.0 0.570 0.470
WE13 0.950 2.56 7.82 1.13 0.560
WE6 1.87 0.650 29.5 0.800 1.20
WE2 0.430 0.740 20.0 0.380 0.360
30-May-17 WE6 6.48 4.88 373 4.51 2.86
WE2 2.87 4.85 314 2.65 2.26
WE4 4.63 0.290 34.2 0.030 0.355
WE13 1.88 0.450 36.8 0.040 0.423
12-Jun-17 WE6 7.30 4.94 352 4.10 2.71
WE2 1.55 3.63 230 1.31 1.35
WE4 2.75 0.540 40.0 0.040 1.18
WE13 2.11 0.270 33.4 0.040 0.553
17-Jul-17 WE6 6.29 5.13 400 4.32 2.71
WE2 2.55 5.38 364 2.89 1.44
WE4 2.52 1.10 42.6 0.080 0.692
WE13 0.760 0.860 37.5 0.090 0.501
14-Aug-17 WE6 0.330 1.46 122 0.530 0.820
WE2 0.290 0.450 34.8 0.060 0.722
WE4 0.720 1.65 77.0 0.090 0.446
WE13 0.800 1.00 51.4 0.030 0.368
18-Sep-17 WE6 0.270 BDL 0.390 0.040 0.536
WE2 BDL 0.020 0.700 0.063 0.290
WE4 0.290 1.19 18.9 0.038 0.345
WE13 0.260 0.030 0.990 0.039 0.424
10-Oct-17 WE6 BDL 0.020 0.390 0.170 0.539
WE2 0.040 0.050 0.450 0.210 0.340
WE4 0.630 0.720 20.7 0.180 0.326
WE13 0.150 0.480 15.7 0.060 0.219
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Table 2.3. Ambient physicochemical characteristics (Secchi depth, water temperature, 
conductivity, dissolved oxygen (DO), photosynthetically active radiation (PAR), and 
turbidity) of surface water samples. BDL = below method detection limit.  
Date Station Secchi (m) Temperature  (°C) Conductivity (µS/cm) DO (mg/L) PAR (µE/cm2/s) Turbidity (NTU)
22-Jun-15 WE6 0.5 23.6 313 5.41 217 21.0
WE2 0.2 23.3 329 5.61 72.8 35.2
WE4 2.5 21.4 253 9.39 1590 1.63
20-Jul-15 WE6 1.1 23.5 339 5.85 201 11.2
WE2 1.2 21.9 1.52 8.82 274 6.90
WE4 0.7 24.2 276 7.52 427 15.6
10-Aug-15 WE6 0 24.1 323 7.48 31.6 47.4
WE2 BDL 23.9 326 8.15 30.3 34.1
WE4 0 24.3 217 8.98 230 16.8
28-Sep-15 WE6 0.4 20.5 263 7.00 66.2 23.4
WE2 0.4 20.5 286 7.18 68.6 16.7
WE4 1.0 21.2 254 7.78 823 7.79
19-Apr-16 WE2 -- -- -- -- -- --
30-May-16 WE4 2.5 12.1 240 10.8 1540 1.97
WE13 5.0 11.9 266 11.1 1370 1.13
27-Jun-16 WE6 1.2 25.8 494 5.67 93 2.56
WE2 1.0 23.7 315 6.44 116 4.42
WE4 2.5 24.2 256 8.83 1750 0.80
11-Jul-16 WE6 1.0 25.1 439 8.65 369 4.30
WE2 2.0 24.4 305 8.96 219 3.10
WE4 3.0 24.8 229 8.08 704 1.08
8-Aug-16 WE6 0.3 25.4 287 8.00 219 23.9
WE2 0.3 26.0 276 7.32 206 15.4
WE4 1.3 26.2 228 7.00 418 2.73
WE13 0.8 25.9 234 8.40 1100 5.06
19-Sep-16 WE6 0.8 21.7 377 8.20 45 9.71
WE2 0.5 22.2 271 8.35 83 16.5
17-Oct-16 WE4 0.8 18.3 225 8.08 262 9.20
WE13 0.3 19.1 282 8.39 53 43.8
WE6 1.8 16.5 413 9.10 1020 3.78
WE2 0.8 16.5 307 8.29 145 10.9
30-May-17 WE6 3.0 19.2 332 5.23 182 36.2
WE2 0.3 18.9 399 6.23 142 22.1
WE4 1.8 16.8 229 7.11 175 2.02
WE13 2.2 17.4 227 6.43 141 2.77
12-Jun-17 WE6 1.5 24.5 369 6.34 786 7.03
WE2 0.5 24.5 341 8.35 180 9.74
WE4 1.5 20.5 261 7.74 173 1.67
WE13 2.5 20.2 235 7.53 351 1.31
17-Jul-17 WE6 0.2 24.6 314 5.21 244 40.3
WE2 0.2 26.1 311 7.03 354 25.7
WE4 4.5 24.0 252 6.85 260 1.17
WE13 2.5 23.9 244 6.99 1140 2.69
14-Aug-17 WE6 0.2 25.1 274 10.6 85 107
WE2 1.5 25.4 260 8.10 1270 5.63
WE4 1.8 23.5 270 8.53 552 4.35
WE13 2.3 23.1 257 5.51 919 2.63
18-Sep-17 WE6 0.5 21.9 262 9.17 393 12.3
WE2 0.5 21.2 248 9.12 158 16.7
WE4 1.5 20.6 231 7.64 35 1.69
WE13 0.9 20.4 234 9.05 34 16.3
10-Oct-17 WE6 0.5 20.6 279 6.00 402 23.2
WE2 0.5 20.1 128 6.95 399 18.5
WE4 1.5 19.6 224 5.33 120 2.56
WE13 1.5 20.0 227 7.37 306 4.95
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Table 2.4. Ambient biological and cyanotoxin (microcystin, MC) concentrations. BDL = 
below method detection limit.  
  
Date Station Phycocyanin (µg/L) Chlorophyll a  (µg/L) Dissolved MC (µg/L) Particulate MC (µg/L)
22-Jun-15 WE6 0.155 1.63 BDL BDL
WE2 0.218 3.84 BDL BDL
WE4 0.389 1.01 BDL BDL
20-Jul-15 WE6 0.450 2.88 BDL BDL
WE2 BDL 6.59 BDL BDL
WE4 155 120 0.150 8.46
10-Aug-15 WE6 241 353 0.150 3.10
WE2 46.8 187 0.150 9.19
WE4 9.89 86.3 0.280 2.29
28-Sep-15 WE6 51.8 55.0 0.340 1.99
WE2 22.4 28.0 0.140 0.910
WE4 17.6 22.2 0.210 0.260
19-Apr-16 WE2 -- -- -- --
30-May-16 WE4 0.36 2.60 BDL BDL
WE13 0.24 4.80 BDL BDL
27-Jun-16 WE6 0.993 4.25 BDL BDL
WE2 0.122 4.03 BDL BDL
WE4 0.105 4.31 BDL BDL
11-Jul-16 WE6 4.46 36.0 0.155 0.547
WE2 0.453 4.14 BDL 0.137
WE4 0.131 1.82 BDL BDL
8-Aug-16 WE6 14.6 62.2 0.300 4.70
WE2 4.20 39.1 0.210 3.02
WE4 0.251 7.77 0.110 0.270
WE13 7.79 7.20 0.140 2.27
19-Sep-16 WE6 6.02 8.80 0.280 1.41
WE2 0.312 5.52 0.130 0.210
17-Oct-16 WE4 0.056 2.71 0.100 0.010
WE13 0.300 8.09 0.220 0.140
WE6 0.164 0.400 0.190 BDL
WE2 0.239 5.20 0.150 BDL
30-May-17 WE6 0.098 2.98 BDL BDL
WE2 0.092 2.56 BDL BDL
WE4 BDL 2.45 BDL BDL
WE13 0.167 10.1 BDL BDL
12-Jun-17 WE6 BDL 3.41 0.110 BDL
WE2 0.079 26.9 0.099 BDL
WE4 BDL 7.61 0.109 BDL
WE13 BDL 1.94 0.250 BDL
17-Jul-17 WE6 0.103 3.25 BDL BDL
WE2 0.461 19.8 BDL BDL
WE4 BDL 2.18 0.100 BDL
WE13 BDL 3.16 BDL BDL
14-Aug-17 WE6 453 532 0.590 289
WE2 23.2 27.1 0.140 4.00
WE4 19.3 30.6 0.370 3.70
WE13 2.37 12.4 0.130 0.320
18-Sep-17 WE6 19.3 33.5 0.180 0.760
WE2 68.7 35.1 0.180 0.300
WE4 4.75 9.62 0.230 0.250
WE13 109 53.1 BDL 0.550
10-Oct-17 WE6 26.1 40.9 0.210 0.560
WE2 16.8 27.7 BDL 0.450
WE4 0.423 5.11 BDL BDL
WE13 9.86 14.5 BDL 0.160
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Ambient physicochemical parameters are presented in Table 2.3. Secchi depth 
was variable across station, month, and year, but generally increased with distance from 
the Maumee River in late spring/early summer. Surface water temperatures followed 
expected seasonal patterns, increasing from spring into summer before decreasing in 
early fall. Conductivity generally decreased with distance from the Maumee River 
discharge and peaked in mid-summer months. Dissolved oxygen (DO) concentrations 
ranged from 5.21–11.1 mg L=1, with no consistent spatial or temporal patterns. PAR and 
turbidity in near-surface waters exhibited generally opposite patterns, with higher PAR 
measurements coinciding with lower turbidity.   
 The two biomass proxies, phycocyanin (cyanobacteria) and chlorophyll a (total 
phytoplankton; Table 2.4), followed similar patterns during each year and sampling 
season, peaking at station WE6 in August, when ambient NH4+ concentrations were at or 
near undetectable levels. Maximum chlorophyll a and phycocyanin values in 2017 were 
1.5–2x those from the same stations in 2015, although these peak values represent water 
column measurements from just below the surface, where incubation samples were 
collected, and not surface scum. Particulate and dissolved MC concentrations followed 
similar spatial and temporal trends in 2016 and 2017, with maximum values at WE6 in 
August. In 2015, maximum dissolved and particulate MC concentrations were observed 
at WE6 in September and WE2 in August. In 2017, peak particulate MC in the water 
column (288 µg L-1) was measured at WE6 in August, coinciding with chlorophyll a and 
phycocyanin maxima.  
 Chlorophyll a was positively related to temperature (⍴ = 0.269, p = 0.049), 
turbidity (⍴ = 0.463, p < 0.001), phycocyanin (⍴ = 0.815, p < 0.001), and dissolved (⍴ = 
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0.559, p < 0.001) and particulate MC (⍴ = 0.832, p < 0.001), and negatively related to 
NH4+ (⍴ = -0.693, p < 0.001), NOx (⍴ = -0.288, p = 0.042), urea (⍴ = -0.329, p = 0.015), 
Secchi depth (⍴ = -0.556, p < 0.001), and TDN and DIN (⍴ = -0.287 and  p < 0.001 for 
both) concentrations (Fig. 2.2). Phycocyanin was positively related to turbidity (⍴ = 
0.432, p = 0.001), DO (⍴ = 0.285, p = 0.041), and dissolved (⍴ = 0.501, p < 0.001) and 
particulate MC (⍴ = 0.848, p < 0.001), and negatively related to inorganic N forms (⍴ =   
-0.665 for NH4+, p < 0.001; ⍴ = -0.409 for NOx, p = 0.003;	⍴ = -0.300 for urea, p = 0.031; 
and ⍴ = -0.429 for both TDN and DIN, p < 0.001 for each) and Secchi depth (⍴ = -0.464, 
p < 0.001) (Fig. 2.2). 
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Figure 2.2. Spearman's rank correlations for relationships between NH4+ regeneration and 
potential uptake rates and environmental variables. Abbreviations are described in 
Appendix. Relationships with p values ≤ 0.05 are shown. 
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2.3.2 Potential NH4+ uptake  
Potential NH4+ uptake rates (note that all reported uptake rates are qualified as 
potential rates) were not influenced by depth across station (F9,231 = 1.38; p = 0.196), 
month (F7,233 = 6.07; p = 0.129), or year (F3,237 = 11.8; p = 0.572). Across the entire 
dataset, NH4+ uptake exhibited differences by both station and month, though that 
difference depended on light or dark treatment. Light NH4+ uptake rates at WE6 and 
WE2 were greater than at WE4 or WE13 (F3,327 = 29.2 p < 0.001), but rates at WE6 and 
WE2 were not different from each other, and there was no difference between stations 
WE4 and WE13 (Fig. 2.3a). 
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Figure 2.3. Potential NH4+ uptake rates (µmol L-1 h-1) (a) in the light and dark across all 
sampling events by station, and (b) August 10, 2015 values (no light vs. dark due to the 
abbreviated incubation; note difference in y-axis scale). Means (± SE) are indicated on 
each boxplot in red. Letters reflect differences in uptake rates between stations (Tukey’s 
HSD post-hoc tests) within each treatment (lowercase letters for Light treatment samples, 
uppercase letters for Dark treatment samples). n for each station is as follows: WE6 = 90, 



























































Light NH4+ uptake rates exhibited differences across months (F6,324 = 12.8; p < 
0.001), with rates in August greater than in all other months across the three years (Fig. 
2.3b). When the extreme August 2015 values were removed from the linear model, the 
effect of month was still significant, but August was no longer different from June, July, 
or September (F6,306 = 5.24; p < 0.001; Fig. 2.4). Despite the change in monthly results 
with the omission of extreme values, neither spatial (station) nor yearly patterns changed 
as a result of adjusting the model input. Across all months (excluding August 2015), light 
NH4+ uptake rates were different depending on sampling year (F2,328 = 58.8; p < 0.001) 
and were greater in 2015 than in 2016 or 2017, but light NH4+ uptake rates in 2016 and 
2017 were not different from each other (Fig. 2.5). Dark NH4+ uptake rates were not 
different between stations WE6 and WE2, or WE2 and WE4, but rates at all three of 
these stations were higher than at WE13 (F3,327 = 13.1; p < 0.001; Fig. 2.3a). Unlike light 
NH4+ uptake, dark NH4+ uptake did not differ between months (F6,306 = 1.14; p = 0.338; 
Fig. 2.4) As with light NH4+ uptake, dark NH4+ uptake rates were greater in 2015 than 
2016 or 2017 (F2,328 = 32.2; p < 0.001; Fig. 2.5). 
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Figure 2.4. Potential NH4+ uptake rates (µmol L-1 h-1) in the light and dark for each month 
across all three years (August 2015 values excluded). Means (± SE) are indicated on each 
boxplot in red. Letters indicate differences in uptake rates between months (Tukey’s HSD 
post-hoc tests) in the light incubation treatment; there were no differences in dark 
treatment samples across months alone. n for each month is as follows: April = 6, May = 
































Figure 2.5. Potential NH4+ uptake rates (µmol L-1 h-1) in the light and dark across all three 
years (August 2015 values excluded). Means (± SE) are indicated on each boxplot in red. 
Letters indicate differences in uptake rates between years (Tukey’s HSD post-hoc tests); 
yearly differences in each treatment (Light and Dark) were the same. n for each year is as 































Excluding August, light and dark NH4+ uptake rates in 2015 ranged from 
undetectable to 1.48 and undetectable to 0.772 µmol N L-1 h-1 (Figs. 2.5, 2.6). The 
greatest rates (light = 20.2, dark = 24.4 µmol N L-1 h-1) were observed in August during 
the height of the bloom nearest the Maumee River discharge (WE6 and WE2). NH4+ 
uptake rates were generally higher at these stations than at WE4 (Fig. 2.6). In 2016, light 
and dark NH4+ uptake ranged from undetectable to 0.775 and undetectable to 0.334 µmol 
N L-1 h-1, respectively (Figs. 2.5, 2.7). Rates in 2016 peaked at WE6 in July and August 
and WE2 in August. By October, rates had nearly returned to those observed in May and 
June (Fig. 2.7). In 2017, light and dark NH4+ uptake ranged from 0.011–1.10 and 
undetectable to 0.934 µmol N L-1 h-1, respectively (Figs. 2.5, 2.8). Rates in 2017 peaked 
at WE6 in August, which were the highest 2017 rates of any station except WE2 in June 
(Fig. 2.8).  
Across the entire dataset, light NH4+ uptake was correlated with ortho-P 
concentration (⍴ = 0.342, p = 0.016), temperature (⍴ = 0.424, p = 0.002), conductivity (⍴ 
= 0.372, p = 0.008), turbidity (⍴ = 0.623, p < 0.001), Secchi depth (⍴ = -0.615, p < 
0.001), phycocyanin (⍴ = 0.476, p = 0.001), and chlorophyll a (⍴ = 0.487, p <0.001; Fig. 
2.2). Dark NH4+ uptake rates shared nearly identical relationships with Secchi depth (⍴ = 
-0.621, p <0.001), turbidity (⍴ = 0.614, p <0.001), and both algal biomass proxies 
(chlorophyll a: ⍴ = 0.489, p <0.001; phycocyanin: ⍴ = 0.481, p <0.001), but was not 
related to temperature, conductivity, or ortho-P concentrations. However, dark NH4+ 
uptake rates were related to NH4+ concentrations (⍴ = -0.281, p = 0.050; Fig. 2.2), and 




Figure 2.6. Potential NH4+ uptake rates (µmol L-1 h-1) in the (a) light and (b) dark for each 
station in 2015 (peak August values excluded). Red points indicate rates from samples 
taken from 1 m below the water surface (S), and green points represent samples collected 
from ~1 m above the sediment (D). n = 3 for each station/depth. 
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Figure 2.7. Potential NH4+ uptake rates (µmol L-1 h-1) in the (a) light and (b) dark for each 
station in 2016. Red points indicate rates from samples taken from 1 m below the water 
surface (S), and green points represent samples collected from ~1 m above the sediment 
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Figure 2.8. Potential NH4+ uptake rates (µmol L-1 h-1) in the (a) light and (b) dark for each 
station in 2017.  Red points indicate rates from samples taken from 1 m below the water 
surface (S), and green points represent samples collected from ~1 m above the sediment 
(D). n = 3 for each station/depth.
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Over the three field seasons, light and dark NH4+ uptake rates exhibited 
differences by station, during all months except April and May, and within each year. 
Specifically, light NH4+ uptake exceeded dark NH4+ uptake rates at all stations (F7,654 = 
21.4; p < 0.001), in June–October months (F13,648 = 9.61; p < 0.001), and in each year  
(F5, 656 = 40.6; p < 0.001), although at each station (most often WE4 and WE13), there 
were instances where dark NH4+ uptake rates were comparable to or exceeded light rates, 
particularly in July (Figs. 2.6–2.8). To explore variation in light and dark NH4+ uptake at 
each station and over time, I calculated the ratio of light to dark NH4+ uptake and 
compared the values by station, month, and year using linear models. These ratios were 
not different by station when pooled across all years (F3,328 = 2.12; p = 0.098; Fig. 2.9a), 
but when examined by month, differences were observed (F6,325 = 3.99; p < 0.001), with 
June having the lowest ratios of all months (Fig. 2.9b). Light:dark NH4+ uptake ratios 
also exhibited differences across years (F2,329 = 3.97; p = 0.020) and were greater in 2016 




Figure 2.9. Ratio of light to dark NH4+ uptake across (a) sample site over three years, (b) 
by month over three years, and (c) by year. Means (± SE) are indicated on each boxplot 








































































2.3.3 NH4+ Regeneration  
NH4+ regeneration rates (regeneration is considered an actual rate; Gardner et al. 
2017) were not different (F1,660 = 0.637; p = 0.425) across light and dark treatments; 
therefore, they were averaged together for each sample replicate. Across all sampling 
dates, NH4+ regeneration exhibited differences by station (F3,327 = 11.8; p < 0.001) and 
was greatest at stations WE6 and WE2, while WE6 and WE2 were not different from 
each other (Fig. 2.10a). NH4+ regeneration rates were also different when evaluated by 
month (F6,306 = 5.86; p < 0.001), with regeneration in June and July the greatest (Fig. 
2.11). As with light NH4+ uptake, NH4+ regeneration rates also varied across years (F2,328 
= 38.5; p < 0.001), with 2015 rates (without August extreme values included) greater than 
2016 or 2017, but the latter two years were not different from each other (Fig. 2.12).  
NH4+ regeneration rates (mean ± SE) peaked in August 2015 (13.0 µmol N L-1 h-1, 
an order of magnitude greater than all other rates), ranging from undetectable to 0.650 
µmol N L-1 h-1 across the rest of the season (Figs. 2.12, 2.13). NH4+ regeneration rates in 
2016 ranged from undetectable to 0.282 µmol N L-1 h-1, and rates increased into summer, 
peaking at WE6 in July and WE2 in August, before declining in September (Figs. 2.12, 
2.14). In 2017, rates fluctuated between undetectable and 0.289 µmol N L-1 h-1 and 
remained low until mid-summer, reaching its maximum at WE6 in August (Fig. 2.12, 
2.15). NH4+ regeneration rates were negatively correlated with Secchi depth (⍴ = -0.521, 
p < 0.001) and positively related to light and dark NH4+ uptake (⍴ = 0.826 and 0.772, 
respectively, p < 0.001), turbidity (⍴ = 0.407, p = 0.004), temperature (⍴ = 0.410, p = 
0.003), conductivity (⍴ = 0.359, p = 0.015), phycocyanin (⍴ = 0.438, p = 0.002), 
chlorophyll a (⍴ = 0.420, p = 0.003), and particulate MC (⍴ = 0.380, p = 0.007; Fig. 2.2).   
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Figure 2.10. NH4+ regeneration rates (µmol L-1 h-1) (a) across all months and years by 
sampling station; and (b) August 14, 2015 values (note difference in y-axis scale). Means 
(± SE) are indicated on each boxplot in red. Letters indicate differences in regeneration 
rates between sites (Tukey’s HSD post-hoc tests). n for each station is as follows: WE6 = 























































Figure 2.11. NH4+ regeneration rates (µmol L-1 h-1) by month across all sampling years 
(excluding Aug 2015 values). Means (± SE) are indicated on each boxplot in red. Letters 
indicate differences in regeneration rates between months (as determined via Tukey’s 
HSD post-hoc tests). n for each month is as follows: April = 6, May = 36, June = 66, July 
































Figure 2.12. NH4+ regeneration rates (µmol L-1 h-1) by year (excluding August 2015 
values). Means (± SE) are indicated on each boxplot in red. Letters indicate differences in 
regeneration rates between years (as determined via Tukey’s HSD post-hoc tests). n 





























Figure 2.13. NH4+ regeneration rates (µmol L-1 h-1) at each station in 2015 (excluding 
extreme August values). Red points indicate rates from samples taken from 1 m below 
the water surface (S), and green points represent samples collected from ~1 m above the 
sediment (D). n = 3 for each station/depth. 
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Figure 2.14. NH4+ regeneration rates (µmol L-1 h-1) at each station in 2016. Red points 
indicate rates from samples taken from 1 m below the water surface (S), and green points 
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Figure 2.15. NH4+ regeneration rates (µmol L-1 h-1) at each station in 2017. Red points 
indicate rates from samples taken from 1 m below the water surface (S), and green points 




WE6 WE2 WE4 WE13 WE6 WE2 WE4 WE13 WE6 WE2 WE4 WE13































The capacity of water column NH4+ regeneration to support community NH4+ 
demand in WLE exhibited similar patterns in each year, peaking in June (82.4–124%) 
and decreasing through August (Fig. 2.16a), when TN loads from the Maumee River 
watershed decreased (Fig. 2.16b). This decreasing trend continued in September 2015, 
but there was little change from August to September in 2016 and 2017 (Fig. 2.16a). The 
role of NH4+ regeneration in supporting NH4+ uptake nearly doubled from September to 
October 2016 (Fig. 2.16a). The percent ratio of NH4+ regeneration to demand was 
positively correlated with ambient NH4+ concentration (⍴ = 0.281, p = 0.048), negatively 
correlated with both light and dark NH4+ uptake rates (⍴ = -0.458 and -0.323, p = 0.008 
and 0.027, respectively), chlorophyll a (⍴ = -0.402, p = 0.004), phycocyanin (⍴ = -0.295, 
p = 0.047), dissolved MC (⍴ = -0.311, p = 0.030), particulate MC (⍴ = -0.367, p = 0.009), 





Figure 2.16. (a) Percent of potential light NH4+ uptake supported by NH4+ regeneration 
(mean ± SE) and (b) the previous week’s TN load (metric tons). No rate measurements 
were taken in April 2015 or 2017, or October 2015, and the previous week’s TN load for 




2.4 DISCUSSION  
 Over three field seasons (2015–2017), I evaluated NH4+ cycling in WLE along a 
spatial gradient from a primary nutrient source (the Maumee River) into the main basin. I 
quantified potential NH4+ uptake and turnover (regeneration) rates in the water column 
and compared them with cyanoHAB metrics (biomass and toxin concentrations) and 
environmental variables to assess the role of internal NH4+ dynamics in potentially 
supporting cyanoHABs in WLE. My results demonstrate that several factors affect NH4+ 
availability to the WLE phytoplankton community, including distance from the external 
nutrient source, season, and size of the bloom.   
 
2.4.1 Water Column NH4+ Cycling  
I hypothesized that rates taken from samples at depth (~1 m above sediment) 
might be different from those at the surface, but I did not observe consistent differences 
for any rate measurement. This lack of depth effect may be attributed to the shallow, 
well-mixed environment of the western basin, as well as the capabilities of Microcystis to 
regulate buoyancy and migrate vertically in the water column to avoid photoinhibition 
and/or scavenge for nutrients (Wallace et al. 2000). 
The extreme NH4+ uptake and regeneration values measured from 15-minute 
incubations in August 2015 are clearly not representative of most stations and times in 
WLE, but these anomalous results may reflect the extreme dynamics that can occur when 
thick, surface scums are present. Though samples were collected from ~1 m below the 
water surface, bloom biomass can migrate vertically through the water column (Wallace 
et al. 2000), and scum particles can be incorporated into captured water samples. At WE6 
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in August 2015, extracted phycocyanin and chlorophyll a values from surface scums 
were 1,700 and 1,900 µg L-1, respectively, which were up to five-fold greater than those 
from the water column below the scum (Table 2.4). At the same time, ambient NH4+ 
concentrations were near-undetectable (Table 2.2), suggesting that the bloom may have 
been starved for substrate. NH4+ uptake and regeneration rates measured at a station near 
WE6 five days prior (August 5, Fig. 2.17) were nearly two orders of magnitude less than 
our extreme values, but on par with the NH4+ uptake observed at WE4 during our 
sampling event, which likely reflects spatial and temporal variability in bloom biomass.  
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Figure 2.17.  Light (L) and dark (D) NH4+ regeneration and potential uptake rates in 
surface (S) and near-bottom (B) water from two western Lake Erie stations on August 5, 
2015. MB18 is located within 1 km of WE6, and MB-7M is near WE13 (Fig. 2.2.1). Both 
locations exhibited heavy cyanoHAB surface scums, and incubations lasted 24.2 – 24.6 h 
using identical methods as described in the present study. 
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Across all three years, potential NH4+ uptake was greater in the light than dark, 
indicating expected photoautotrophic activity when light and NH4+ were available. 
Potential NH4+ uptake rates across both light and dark treatments (undetectable to 1.48 
µmol L-1 h-1, excluding August 2015) were similar to, but sometimes exceeded, rates 
reported in other eutrophic systems, including Lake Champlain (Missisquoi Bay; 
McCarthy et al. 2013) and Lake Okeechobee (James et al. 2011), and were overall much 
greater (more than an order of magnitude) than those reported in similar marine 
experiments (Laws et al. 1985; Selmer et al. 1993). Greater light uptake rate maxima 
were reported in hypereutrophic lakes Taihu (up to 6.82 µmol L-1 h-1; Hampel et al. 2018) 
and Maracaibo (up to 8 µmol L-1 h-1; Gardner et al. 1998), as well as in Planktothrix-
dominated Sandusky Bay in Lake Erie (up to 3.12 µmol L-1 h-1; Hampel et al. 2019).  
As with potential NH4+ uptake, the upper limit of NH4+ regeneration rates in WLE 
(0.650 µmol L-1 h-1 at WE2 in June, excluding August 2015) was similar to rates reported 
for eutrophic Lake Okeechobee (James et al. 2011) and Missisquoi Bay (Lake 
Champlain), but maximum NH4+ regeneration rates in this study were 3–5x less than 
those reported in lakes Maracaibo and Taihu (up to 2 and > 3 umol L-1 h-1; Gardner et al. 
1998 and McCarthy et al. 2007). Despite differences in the greatest rate values, 
measurements of NH4+ uptake and regeneration in this study generally fall within the 
range of those reported for other eutrophic lakes and measured using similar methods.  
The hypothesis that community NH4+ uptake and turnover would decrease with 
distance from the Maumee River inflow was supported by the results. Although WE2 is 8 
km further from Maumee River inputs than WE6, NH4+ cycling rates at both stations 
were generally similar, indicating similar influences. However, WE4 and WE13 had 
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lower rates than those westernmost stations, indicating less demand and turnover further 
from the nutrient source that stimulates biomass growth and maintenance. I also predicted 
greater NH4+ uptake rates during peak bloom months, and although there was no 
difference between summer months (June–September) once August 2015 values were 
disregarded, positive relationships between light NH4+ uptake, temperature, and both 
phycocyanin and chlorophyll a support this prediction.  
Based on patterns observed in other eutrophic freshwater environments, such as 
Lake Taihu (Hampel et al. 2018) and Sandusky Bay (Lake Erie, Hampel et al. 2019), the 
proportion of water column NH4+ regeneration capable of supporting potential NH4+ 
uptake was expected to increase as the bloom reached peak biomass and ambient NH4+ in 
the water column decreased. However, an increasing gap between NH4+ demand and 
turnover rates during the sampling season suggests that water column NH4+ regeneration 
was unable to fully support potential NH4+ demand during peak bloom periods (Fig. 
2.16). This result agrees with findings from Lake Champlain (McCarthy et al. 2013) but 
contrasts with observations from Microcystis-dominated Lake Taihu, where summer 
NH4+ regeneration rates could support 100% of the community NH4+ demand, whereas 
spring turnover could not (Hampel et al. 2018). Unlike Lake Erie, ambient NH4+ is still 
readily detectable in Taihu in August, and the overall external N load is much greater 
(Hampel et al. 2018); therefore, although NH4+ regeneration in Lake Erie may not be able 
to support 100% of potential NH4+ uptake, the high rates we report here represent a large 
supply of NH4+ to cyanoHABs.   
Differences between light and dark NH4+ uptake, and the patterns of light:dark 
ratios across space and time, likely reflect the relative demand for NH4+ by a complex 
 94 
lake microbial community. While cyanoHABs in WLE are often dominated by 
Microcystis, they also include other microbial organisms, including heterotrophic 
bacterial consortia associated with cyanobacterial colonies (Steffen et al. 2012) and other 
phytoplankton, such as diatoms (Allinger and Reavie 2013). Recent work has suggested 
that Microcystis N acquisition in WLE tends to occur during the day, while carbon 
fixation and photosystem maintenance genes are expressed at night (Davenport et al. 
2019); accordingly, dark NH4+ uptake may be explained mostly by these co-occurring 
organisms that are scavenging for NH4+ at night. The increasing gap between light and 
dark NH4+ uptake rates as the bloom season progresses has also been observed in Lake 
Taihu (Hampel et al. 2018), while in Lake Champlain dark NH4+ uptake averaged <60% 
of light NH4+ uptake across the sampling season (McCarthy et al. 2013).  
 Of the three sampling years, the 2015 bloom was the most severe in terms of 
biomass and areal coverage, followed by 2017 and 2016 (NOAA 2018). Annual 
differences in bloom severity can thus help explain observed patterns in NH4+ uptake 
rates. Even excluding August 2015 rates, the most severe cyanoHAB year (2015) 
exhibited higher potential NH4+ uptake rates than the other years. Although biomass 
proxies exhibited expected relationships with temperature (i.e., greater temps lead to 
increased biomass), concentrations of various N forms and biomass were inversely 
related, and neither biomass proxy was related to ortho-P concentration. This pattern can 
be explained by seasonal timing of cyanoHAB maxima in each year, where biomass 




2.4.2 Scaling Up: Regeneration of NH4+ in the Western Basin 
 CyanoHAB biomass is sustained at high concentrations following ambient 
nutrient depletion in the water column, at which point recycled NH4+ may continue to 
sustain bloom biomass demands (McCarthy et al. 2007; Gardner et al. 2017; Hampel et 
al. 2018). To understand the relationship between external and internal loading (the latter 
via NH4+ regeneration), NH4+ regeneration rates were extrapolated by delineating WLE 
into zones by station and calculating the volume of each station area using the average 
water depth (similar to methods used in Hampel et al. 2018, 2019 and using the same 
surface area delineations as Boedecker et al. 2020). The amount of NH4+ regenerated at 
each station and time point was then compared to incoming TN loads from the Maumee 
River (NCWQR Heidelberg tributary monitoring program, https://ncwqr.org/monitoring/; 
Richards et al. 2010). Creating a basin-wide extrapolation from single timepoint and 
location measurements, particularly from spring and summer month samplings when 
rates are likely higher than in winter, may overestimate the impact of NH4+ regeneration 
on internal NH4+ loading. However, acknowledging this caveat, as a first estimate of 
water column NH4+ turnover as an important NH4+ source for cyanoHABs in WLE, this 
exercise provides insight into previously undescribed NH4+ cycling dynamics that support 
cyanoHAB biomass and toxin production in the western basin.  
When compared to both annual and sampling season TN loads, the impact of 
water column NH4+ regeneration differs by year. In 2015 (including August), 
extrapolated NH4+ regeneration could have added NH4+ equivalent to 2.2x the entire TN 
load for the year and 4.5x the TN load delivered to WLE during the sampling season. In 
2016 and 2017, regenerated NH4+ could have contributed NH4+ equivalent to 
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approximately 60% of the annual TN load and 1.3–1.5x the seasonal loads, respectively 
(Table 2.5). The relative contribution of water column NH4+ regeneration to annual TN 
load (~2x) is similar to estimates for Missisquoi Bay (McCarthy et al. 2013), Lake Taihu 
(Hampel et al. 2018), and Sandusky Bay (~77%; Hampel et al. 2019). These results 
demonstrate the importance of internal N loading to WLE cyanoHABs. Although NH4+ 
regeneration may not be able to support 100% of  NH4+ demand (as potential NH4+ 
uptake) during peak bloom months, it represents a significant source of NH4+ when 
ambient nutrient concentrations in the water column have been depleted.  
The ratio of NH4+ regeneration to weekly TN load was compared to particulate 
MC concentrations normalized to bloom biomass (particulate MC:phycocyanin; Fig. 
2.18), where phycocyanin is a common proxy for cyanobacteria biomass (Brient et al. 
2008). Toxin to biomass ratios were then sorted into three categories of 
regeneration:weekly TN load. When the TN load was greater than regenerated NH4+ (i.e., 
the ratio to weekly TN load was < 1 due to high TN load and/or low regeneration), 
particulate MC concentrations were lower. As incoming TN loads decreased, and the 
regenerated NH4+:weekly TN load ratio ranged from 1 - 50, particulate MC 
concentrations per unit phycocyanin increased (F2,46 = 2.70; p = 0.020, Fig. 2.18).  
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Table 2.5. Extrapolated NH4+ regeneration in the water column vs. annual (a) or sampling 
season (b) relative to the TN load (in metric tons). 2015 sampling season June–
September, 2016 April–October, and 2017 May–October. Regenerated NH4+ values in 
2015 include those generation from extreme rates in August.  
 a Regenerated NH4+  TN Annual Load % of annual load 
2015 8.15E+04 3.79E+04 215.21 
2016 1.64E+04 2.72E+04 60.25 
2017 2.40E+04 3.87E+04 61.99 
    
b Regenerated NH4+  
TN Sampling 
Season Load % of seasonal load 
2015 8.15E+04 1.80E+04 451.79 
2016 1.64E+04 1.05E+04 155.78 




Figure 2.18. The ratio of particulate microcystin (MC) to phycocyanin, binned by 





















Despite high spring nutrient loading from the Maumee River, cyanoHABs 
generally do not develop in WLE until late July/early August, corresponding with 
sustained periods of water temperature above 20 °C (Stumpf et al. 2012) and a shift from 
oxidized to chemically reduced N forms in the external N load (Newell et al. 2019). 
Microcystis isolates have high thermal growth optima (~28–30 °C; Krüger and Eloff 
1978), with toxic strains outgrowing non-toxic strains at temperatures between 25–30 °C 
(Davis et al. 2009). Cyanobacteria toxicity may peak at lower temperatures (20–28 °C; 
Van der Westhuizen and Eloff 1985), where temperatures are sufficient to support growth 
and promote high levels of toxin production. In this study, the greatest particulate MC per 
unit cyanobacterial biomass values were observed when NH4+ regeneration to external 
TN loading ratios were 1–50. This observation suggests a potential sweet spot, in which 
N availability was sufficient to support continued biomass growth (Microcystis cannot fix 
atmospheric N2), as well as toxin production, and biomass maintenance is favored over 
toxin production (Harke and Gobler 2013). When NH4+ regenerated internally exceeded 
weekly TN loading by >50 (particularly during August and September), indicating 
possible N stress (as occurs in late summer; Chaffin et al. 2018), toxin concentrations in 
biomass decreased and were not different from those when external loads were higher 
than internal loading.  
 
2.5 SYNTHESIS 
 This study quantified NH4+ regeneration and potential uptake rates in the WLE 
water column and contributes to the growing body of literature highlighting the 
importance of NH4+ and chemically reduced N in eutrophic lakes affected by seasonal 
 100 
cyanoHABs, especially those comprised of non-N-fixing, toxin-producing taxa. Although 
N limitation has been observed in WLE (Chaffin et al. 2013, 2014), Microcystis-
dominated blooms, rather than diazotrophic communities, continue to occur every year. 
While reductions in N loading, or other conditions that perpetuate N limitation, can be 
offset by a community shift from non-diazotrophic cyanobacteria to N-fixing taxa 
(Schindler et al. 2008), other studies (e.g., Lewis and Wurtsbaugh 2008; Scott and 
McCarthy 2010) have demonstrated that N-fixation alone cannot alleviate N limitation. 
N-fixation is an energetically expensive process (Vitousek et al. 2002), and many 
phytoplankton, including Microcystis, preferentially assimilate NH4+ from available pools 
(Glibert et al. 2016). Thus, water column NH4+ regeneration meeting or exceeding 
external N loads in WLE and other eutrophic systems may help explain why Microcystis 
blooms succeed at the expense of other phytoplankton.  
Our results demonstrate that, despite depletion of water column N from external 
loading during peak bloom months, internal NH4+ regeneration can help sustain bloom 
biomass. Despite internal NH4+ regeneration in the water column occurring throughout 
the sampling season, the inability of water column NH4+ regeneration to fully support 
potential community NH4+ uptake during cyanoHABs supports previous studies showing 
that non-N-fixing cyanoHABs in WLE (Chaffin and Bridgeman 2014; Chaffin et al. 
2018, 2019) and elsewhere (McCarthy et al. 2013, 2016; Hampel et al. 2019) experience 
strong N stress. These results reinforce the need to manage external N loading to help 
mitigate growth and toxin production of non-N-fixing cyanobacteria (e.g., Paerl et al. 
2016; McCarthy et al. 2013, 2016; Newell et al. 2019). High external nutrient loads 
stimulate biomass growth, which becomes the substrate for high NH4+ regeneration rates 
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when cells are grazed and/or remineralized in the water column (Gardner and Lee 1975). 
Internal N recycling perpetuates growth and sustains cyanoHAB biomass and toxicity 
long after external loads decrease or cease. However, these dynamics do not account for 
the importance of other internal N sources, especially sediments, which can release NH4+ 
via remineralization and recycling processes and may contribute to water column N 
availability in aquatic ecosystems (An and Gardner 2002; McCarthy et al. 2016). Recent 
work at many of the same stations as the present study reported that WLE sediments 
release NH4+ at rates equivalent to 0.44% the amount recycled through water column 
NH4+ regeneration, with greatest effluxes observed at stations nearest the Maumee River 
inflow (Boedecker et al. 2020). Despite their importance in ecosystem N cycling, 
especially as a permanent N sink via denitrification, sediments do not contribute nearly as 
much internal NH4+ in WLE versus water column N turnover. Additional sources of 
internal NH4+ include excretion by Dreissenid mussels (e.g., Conroy et al. 2005), which 
have spread throughout the Laurentian Great Lakes (Benson et al. 2014) and facilitate 
Microcystis blooms via selective filtration during filter-feeding (Vanderploeg et al. 2001) 
and other possible mechanisms (e.g., nearshore P shunt; Hecky et al. 2004). While 
internal N loading is important to sustaining blooms and promoting toxin production, 
bloom initiation results from external loading. Thus, while in-system turnover should be 
accounted for in management and modeling applications, external loads from watersheds 
must be reduced in order to mitigate bloom formation.  
 These NH4+ cycling patterns over the three years of this study indicate that 
blooms in WLE behave similarly to other hypereutrophic systems afflicted with severe, 
Microcystis-dominated cyanoHABs. External P and N from mostly agricultural 
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watersheds will continue fueling seasonal cyanoHABs, and increasing proportions of the 
N load attributable to chemically reduced forms will likely drive these blooms toward 
non-diazotrophic and toxic community compositions (Newell et al. 2019). It is thus 
crucial to reduce external nutrient loading (both N and P) to mitigate the effects of 
cyanoHABs in WLE. However, the historical emphasis on watershed P reductions for 
managing eutrophication and cyanoHABs, as outlined in the Great Lakes Water Quality 
Agreement (GLWQA; IJC 1978) and its subsequent iterations, neglects the importance of 
controlling N in addition to P. The recent GLWQA update of Annex IV (2015) calls for 
an additional 40% reduction in P loading to the original agreement but makes no mention 
of N. Though the bulk of the Maumee River watershed is situated in Ohio, and despite 
the growing body of literature (and U.S. EPA policy brief; USEPA 2015) advocating for 
dual-nutrient control, neither the state of Ohio nor other Great Lakes entities (e.g., the 
International Joint Commission) presently have regulations or targets for reducing non-
point source N loads (OEPA 2015; IJC 2018). High rates of community NH4+ demand 
reported in this study, and links between internal NH4+ regeneration and bloom toxicity, 
supports other recent work (e.g., Paerl et al. 2016) in advocating for dual nutrient 
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CHAPTER 3. NITRIFICATION IN THE WATER COLUMN OF WESTERN 
LAKE ERIE: SEASONAL PATTERNS, COMMUNITY DYNAMICS, AND 
COMPETITION WITH CYANOHABS.  
 
ABSTRACT 
Nitrification is an important nitrogen (N) cycling pathway linking bioavailable 
ammonium (NH4+) with N removal via denitrification, which may be crucial to 
mitigating excess external N loading to eutrophic lakes. Over three field seasons in 
western Lake Erie, 15NH4+ stable isotope tracers were employed to quantify nitrification 
rates, and relative abundances of ammonia-oxidizing bacteria (AOB) and archaea (AOA) 
were determined via qPCR. Nitrification rates ranged from undetectable to 1,640 nmol  
L-1 d-1 and were greatest at the westernmost station nearest the external nutrient source, 
though this pattern varied seasonally. Nitrification rates were highest in June and often 
lowest during peak cyanobacterial bloom months (August and September) before 
increasing again in October. Over the three years, AOB and AOA were identified in high 
and relatively equal abundances, but over the whole dataset AOB exceeded AOA, 
particularly in 2017. There were no relationships observed between nitrification rates and 
AOB or AOA abundance. Despite abundant ammonia-oxidizer DNA, lower nitrification 
rates during cyanobacterial blooms indicate that nitrifiers are poor competitors for NH4+ 
during these blooms, potentially limiting substrate availability for denitrification.  
Microbial N removal via denitrification (and other processes) represents a natural
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pathway for mitigating eutrophication and is a valuable ecosystem service. These results 
suggest that eutrophic lakes afflicted with cyanobacterial blooms may not be removing N 




 Nitrifiers require ammonium (NH4+) as their substrate for energy generation and 
are an important microbial group for biogeochemical nitrogen (N) transformation in 
many ecosystems (Ward 2008). In aquatic systems, nitrifiers compete for NH4+ with 
other primary producers. Nitrification is linked to the ability of aquatic systems to 
mitigate excess N loading via producing the substrate for and coupling with 
denitrification. In canonical nitrification, ammonia oxidation converts NH4+ to nitrite 
(NO2-), which is then oxidized further to nitrate (NO3-) via NO2- oxidation (Prosser 1990; 
Hart et al. 1994; Kuypers et al. 2018). In this two-step process, ammonia oxidation is the 
rate-limiting step, in which ammonia monooxygenase (encoded by the amoA gene) 
transforms NH4+ to the intermediate compound hydroxylamine, which is then converted 
to NO2- (Ward 2008). Ammonia oxidation is catalyzed by chemolithoautotrophic bacteria 
(ammonia-oxidizing bacteria, AOB; Wagner et al. 1995) and archaea (ammonia-
oxidizing archaea, AOA; Francis et al. 2005). Together, they comprise the community of 
ammonia-oxidizing organisms (AOO). The second step of nitrification, nitrite oxidation, 
is carried out by nitrite-oxidizing bacteria (NOB). Historically, nitrite oxidation has been 
considered separate from (although often closely linked to) ammonia oxidation, wherein 
the product of ammonia oxidation serves as the substrate for NO2- oxidation (Ward 
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2008). Decoupling of these two steps has also been observed in some environments, 
suggesting the need for separate quantification of each pathway (Heiss and Fulweiler 
2016). The canonical understanding of nitrification has been further challenged by the 
recent discovery of certain NOB that can perform the entire nitrification pathway 
(complete ammonia oxidation, or comammox), and their role in the environment is still 
being described (Daims et al. 2015; Kuypers et al. 2018).  
 The community structure of AOO is not uniform across environments. AOB are 
generally more abundant in nutrient-rich ecosystems, such as eutrophic lakes and N-
replete terrestrial sediments (Di et al. 2010; Hou et al. 2013; Mukherjee et al. 2016), 
while AOA are thought to be more predominant in oligotrophic lakes and the open ocean 
(Bollmann et al. 2014; Newell et al. 2011; Pester et al. 2012). In aquatic systems, trophic 
status seems to drive AOO community abundance, which is supported by differences in 
uptake kinetics between AOB and AOA. Oligotrophic isolates of AOA have a high 
affinity (half saturation constant (Km) = 0.05–0.15 µM) for NH4+ but saturate quickly. In 
contrast, AOB have a much higher Km for NH4+ (10–1000 µM) and, therefore, a greater 
range of uptake rates before saturation (Martens-Habbena et al. 2009). These kinetic 
differences give AOA a theoretical competitive advantage when NH4+ concentrations are 
low. 
 Nitrification links chemically reduced and oxidized N forms, and, therefore, 
represents the link between the most energetically favorable N form (NH4+) and the 
substrate (NO3-) for natural N removal via denitrification. Therefore, quantifying the fate 
of NH4+ is crucial for modeling the ability of denitrification to remove excess 
bioavailable N from aquatic systems. NH4+ is the preferred N source for primary 
 124 
producers (Glibert et al. 2016), including Microcystis, the dominant bloom-forming 
cyanobacteria in western Lake Erie (WLE). Microcystis cannot fix atmospheric N, are 
excellent competitors for NH4+ (Takamura et al. 1987), and may deplete dissolved N 
pools quickly. Accordingly, the presence of cyanobacterial harmful algal blooms 
(cyanoHABs) in eutrophic waterbodies, such as WLE, may threaten the system's ability 
to compensate for excess N inputs by suppressing nitrification via substrate competition. 
Microcystis in culture exhibits a Km for NH4+ of 0.5–37 µM, higher than that of AOA but 
within the range for AOB (Nicklish and Kohl 1983). Therefore, the relative dominance of 
AOB or AOA during cyanoHABs may influence the ability of nitrifiers to compete with 
bloom-forming taxa for NH4+ and alter the fate of NH4+ via removal or recycling 
(Hampel et al. 2018, 2020). 
As a result of high external nutrient loading from adjacent watersheds, WLE 
experiences annual, seasonal cyanoHABs dominated by non-N fixing Microcystis, which 
are most common in the western basin (Watson et al. 2016). AOB greatly outnumber 
AOA in the sediments (Bollman et al. 2014) and water column (Mukherjee et al. 2016) of 
Lake Erie, and 96% of the N removed in Lake Erie sediments was due to coupled 
nitrification-denitrification (Small et al. 2014). Given high nutrient loads and the 
physiological importance of NH4+, the lack of water column nitrification rates in Lake 
Erie represents a knowledge gap that is reflected in the body of literature on freshwater 
nitrification, particularly in eutrophic lakes.  
Direct measurements of water column nitrification in lakes are few compared to 
those from coastal marine systems and the open ocean (Damashek and Francis 2018). 
Nitrification in the water column of eutrophic lakes has previously been quantified in 
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Lake Taihu (Hampel et al. 2018), Lake Mendota (Hall 1986), and Lake Okeechobee 
(James et al. 2011; Hampel et al. 2019, 2020). In these studies, nitrification often 
represents a small proportion of total microbial NH4+ demand. Additionally, nitrification 
rates in eutrophic lakes are often greatest near riverine inflows (Hampel et al. 2018, 2020) 
and lowest during cyanoHABs (Hampel et al. 2018). Along with nitrification rates, 
characterization of water column AOO communities in freshwater systems is lacking 
compared with those from sediments in the same systems (Damashek and Francis 2018; 
Hampel et al. 2020). Accordingly, both nitrification rates and the abundances of AOB 
and AOA in freshwater systems represent an important knowledge gap in aquatic 
biogeochemistry and ecology.  
The objective of this study was to quantify nitrification rates (as accumulation of 
15NO2- and 15NO3- from 15NH4+ via stable isotope tracers) along a seasonal and spatial 
gradient in WLE. The abundance of amoA genes associated with AOB and AOA were 
used to assess relative AOO community dominance. This project combined 
biogeochemical and molecular techniques to determine the relative contribution of 
nitrifiers to total community NH4+ demand and the generation of substrate for 
denitrification. I hypothesized that: (1) nitrification rates would be high nearest the 
Maumee River inflow and during pre- and post-bloom sampling periods, while rates 
during cyanoHABs would be lower; and (2) AOO functional gene abundances would be 
lower during peak cyanoHABs and within versus outside of blooms. Some nitrifiers are 
inhibited by light (e.g., Guerrero and Jones 1996), so the effect of water depth (i.e., water 




3.2.1 Field Sampling 
 Field sampling procedures, in situ water quality measurements, sampling stations, 
and sampling dates for nitrification rates were previously described in Chapter 2. To 
determine AOO community characteristics and amoA abundance, lake water was filtered 
(60–360 ml, depending on suspended particulates clogging filters) through Sterivex 
filters (0.2 µm, EMD Millipore). Air was flushed through filters to clear residual water, 
then filters were filled with RNALater, plugged with clay at the outflow end, capped at 
the Luer-lock end, and wrapped with Parafilm to preserve genetic material. Filters were 
stored on dry ice until return to the lab, then frozen at -80 °C until DNA extraction.  
  
3.2.2 Incubations 
 Nitrification rates were quantified via 15NH4+ amendments to unfiltered water 
samples. A control bottle containing site water, but no isotope amendment, was used to 
quantify any 15N contamination. For rates, site water was decanted into triplicate 
colorless, translucent, 125 ml Nalgene bottles and amended with trace amounts 
(approximately 20% of the ambient pool, except in August and September, when ambient 
NH4+ pools were often depleted; Table 2.2) of 15NH4Cl (98 atom%). Samples from each 
bottle were filtered immediately (0.2 µm) and frozen. Bottles were incubated for 16–25 
hours (Table 3.1) in simulated ambient lake conditions (outdoor water bath) before being 
sampled again. Samples were filtered (0.2 µm) into polystyrene tubes for total NH4+ 
concentration (i.e., 14N + 15N) and immediately frozen. Additional 30 ml samples for 
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15NOx accumulation from tracer additions were filtered into 50 ml centrifuge tubes and 
frozen at -20 °C until pre-analysis preparation (see below). 
 Initially, 15NH4+ transformed to 15NO2- and 15NO3- were determined separately (as 
described below). Based on results from 2015 and 2016 and high analytical costs, 
samples were collected for total 15N-NOx (NO2- + NO3-) accumulation in 2017, rather 
than for both 15NO2- and 15NO3-.  
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Table 3.1. 15NH4+ amendments (15N; approximate final concentration, µM) and 















April April 19 20.2 April
WE2 -- WE2 0.5 WE2 --
May May 18 25 May 30 18.8
WE6 -- WE6 -- WE6 0.5
WE2 -- WE2 -- WE2 0.5
WE4 -- WE4 0.5 WE4 0.5
WE13 -- WE13 0.5 WE13 0.5
June 22 15.7 June 27 23.5 June 12 20.4
WE6 0.5 WE6 0.2 WE6 0.5
WE2 0.2 WE2 1.0 WE2 0.5
WE4 0.1 WE4 0.2 WE4 0.5
WE13 -- WE13 0.1 WE13 0.5
July 20 18.5 July 11 16.5 July 17 20.6
WE6 0.5 WE6 0.5 WE6 0.5
WE2 0.2 WE2 0.5 WE2 0.5
WE4 0.1 WE4 0.5 WE4 0.5
WE13 -- WE13 * WE13 0.5
August 10 20.2 August 8 24 August 14 20.9
WE6 0.5 WE6 0.2 WE6 0.5
WE2 0.2 WE2 0.2 WE2 0.5
WE4 0.2 WE4 0.2 WE4 0.5
WE13 -- WE13 0.2 WE13 0.5
September 28 16.5 September 19 20.8 September 18 23.9
WE6 0.2 WE6 0.1 WE6 0.5
WE2 0.2 WE2 0.1 WE2 0.5
WE4 0.1 WE4 -- WE4 0.5
WE13 -- WE13 -- WE13 0.5
October October 17 22.2 October 10 20
WE6 -- WE6 0.2 WE6 0.5
WE2 -- WE2 0.2 WE2 0.5
WE4 -- WE4 0.2 WE4 0.5
WE13 -- WE13 0.2 WE13 0.5
2015 2016 2017
 129 
3.2.3 Sample Preparation and Rate Calculations 
 Nitrification rates were measured as the accumulation of 15NO2- and 15NO3- from 
added 15NH4+ tracer. To quantify 15NO2- accumulation, a sodium azide (NaN3) solution 
was used to convert all NO2- in each sample to nitrous oxide (N2O) (McIlvin and Altabet 
2005). 7.5 ml of each sample was transferred to a 12 ml Labco exetainer and sealed 
tightly with a single-wadded septa cap. A solution of 1:1 (v:v) 2 M NaN3:20% acetic acid 
was prepared and purged with argon for 30 minutes. Each sample was injected with 0.25 
ml of NaN3 solution using a gas-tight syringe and incubated for 1 h at 30 °C. After 
incubation, the reaction was stopped by injection of 0.15 ml 15 M NaOH (McIlvin and 
Altabet 2005). For 15NO3- accumulation, a cadmium (Cd) reduction coupled to the NaN3 
method was used to first reduce all NO3- to NO2- before converting NO2- to N2O, as 
described above (Heiss and Fulweiler 2016). 25 ml of sample was transferred to a 50-ml 
centrifuge tube, to which 0.25 ml of 0.4 M sulfamic acid was added to remove all 
ambient NO2-. Samples were incubated for 10 min, after which the reaction was stopped 
with 0.125 ml 2M NaOH (Granger and Sigman 2009). The NO3- pool was then reduced 
to NO2- via addition of 100 mg magnesium oxide, 6.6 g sodium chloride, and 0.75–1 g 
acidified Cd powder. Samples were incubated on a shaker table at room temperature (~21 
˚C) for 17 h at 100 RPM, centrifuged at 2000 RPM for 15 min, and 7.5 ml of the 
supernatant transferred to 12 ml Labco exetainers (McIlvin and Altabet 2005). Cd-
reduced samples were then treated with NaN3 solution as described above. Note that, in 
2017, the separate process for accumulation of 15NO2- and the sulfamic acid step for 
removing ambient NO2- were omitted; instead, all samples underwent Cd reduction 
directly followed by NaN3 reduction to convert the entire NOx pool to N2O. Post-
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transformation, samples were sent to the UC Davis Stable Isotope Facility for analysis of 
labeled N2O (masses 44, 45, 46). 
 Accumulation of 15NO2- was calculated as:  
Equation 1: ((15N/14N * [NO2-])24h – (15N/14N * [NO2-])0h)/ a * t 
where 15N/14N is the ratio of labeled N2O species, a = [15NH4+] / ([15NH4+] + [14NH4+]), 
and t is incubation time (h).  
Accumulation of 15NO3- was determined as: 
Equation 2: ((15N/14N * [NO3-])24h – (15N/14N * [NO3-])0h)/ a * t 
where a = [15NO2-] / ([15NO2-] + [14NO2-]) and 15N/14N and t are as described for Equation 
1. Both rates were corrected for reduction efficiency of the NaN3 reaction and are 
reported in nmol L-1 d-1 of added NH4+ accumulated as NOx.  
In 2015 and 2016, 15NH4+ transformed to 15NO2- and 15NO3- was quantified 
separately. Accumulation of 15N as 15NO2- was frequently, but not always, detectable and 
generally ~5% of 15NO3- accumulation rates. Sample analyses at UC Davis are also 
expensive (~$17/sample), and this project had limited funding. Therefore, in 2017, only 
total 15NOx accumulation was measured, and for 2015 and 2016 nitrification rates are 
presented as the sum of 15NO2- and 15NO3- production from 15NH4+.    
 
3.2.4 Molecular Analysis 
DNA was extracted from Sterivex filters with the Qiagen Puregene© Core A kit 
and a modified version of the manufacturer’s protocol (based on Ward et al. 2000). 
Residual RNA Later was removed from the filters with a phosphate buffer solution rinse, 
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followed by the addition of cell lysis buffer. Proteinase K was then added, and filters 
were incubated for consecutive 1 h cycles at 55 and 65 °C.  
Following extraction, DNA yields were quantified via spectrophotometry 
(ThermoScientific Nanodrop 2000) and used to determine amoA abundance for both 
AOB and AOA lineages via qPCR. Cleaned and cloned PCR amplicons were used to 
create plasmid standards for qPCR. For archaeal amoA, a 635 base-pair (bp) region was 
amplified with Arch-amoAF and Arch-amoAR primers (Francis et al. 2005). A 491 bp 
region was amplified with amo-AF and amo-A2R primers (Rotthauwe et al. 1997) for 
determination of bacterial amoA.   
 qPCR analyses were performed on 96-well plates. Serial dilutions of standards 
were plated alongside samples and negative (non-template containing) controls. Negative 
controls (containing polymerase, primers, and DNA/RNA-free water without 
environmental DNA), five standards (consisting of polymerase, primers, DNR/RNA-free 
water, and known concentrations of serially diluted DNA), and samples were plated in 
triplicate. The reaction mixture was prepared with Luna Universal qPCR Master Mix 
(New England Biolabs) following manufacturer instructions. 5–25 ng of template was 
added, and each reaction was performed on an Eppendorf realplex2 thermocycler. 
Archaeal and bacterial amoA qPCR programs were carried out as follows:  
 AOA amoA: 40 cycles of 95 °C for 2 min, 95 °C for 30 s, 53 °C for 45 s, 72 °C 
for 1 min; one cycle of 72 °C for 5 min; melting curve (Francis et al. 2005). 
 AOB amoA: 40 cycles of 95 °C for 2 min, 94 °C for 45 s, 56 °C for 30 s, 72 °C 
for 1 min; one cycle of 72 ˚C for 5 min; melting curve (Beman et al. 2008). 
Gene copy number was determined as: 
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Equation 3: Copy number = (ng * number mol-1)/(bp * ng g-1 * g mol-1 of bp) 
Where ng = ng of DNA in the sample, number mol-1 = 6.022 x 1023, and bp = base pairs 
in the target gene. Final copies are reported in units of gene copies ml-1 of sample water 
filtered through Sterivex in the field. 
 
3.2.5 Statistical Analysis 
 As described in Chapter 2, all analyses were performed in R (version 3.6.1; R 
Core Team 2020). Nitrification rates failed assumptions of normality, even after log-
transformation and normalization. Accordingly, negative binomial general linearized 
models (glm function, “mass” package; Ripley et al. 2013) were used to evaluate 
variability in spatial and temporal gradients for rates. As in Chapter 2, negative binomial 
models were run with rate as the response variable and station as the predictor variable to 
evaluate differences in nitrification rates between stations. The potential effect of depth 
on nitrification rates at individual stations was explored with both station and depth as 
interactive predictors. For temporal effects, negative binomial models with month or year 
were used as the predictors. For amoA gene abundance, general linearized models with a 
quasipoisson distribution (glm function, “lme4” package; Bates et al. 2015) were 
employed and designed with the same spatial and temporal predictors as described for 
nitrification rates. Tukey’s HSD post-hoc tests for each model were performed with the 
emmeans function in the “emmeans” package (Lenth 2019). Where individual mean 
comparisons outside of the models were warranted, Mann-Whitney U-tests were used. 
Relationships between nitrification rates, amoA gene copies, and environmental variables 
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were explored with Spearman’s rank correlations (rcorr function, “Hmisc” package; 
Harrel Jr. 2019).  
Boxplot figures below display the following data: lines inside the boxes are 
category medians, while the surrounding upper and lower portions of the boxes are the 
upper and lower quartiles, and the distance between the two (the box itself) is the 
interquartile range (IQR). Lines extending from the boxplot stretch to the highest and 
lowest values outside of potential outliers (quartile + 1.5 x IQR), while individual dots 
are potential outliers. 
 
3.3 RESULTS 
3.3.1 Ambient Conditions 
Field collections for nitrification experiments occurred simultaneously with those 
for NH4+ regeneration and potential uptake (Chapter 2). Patterns in ambient nutrient, 
biological, and physicochemical parameters are described therein. 
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3.3.2 Nitrification Rates 
   
 
 
Figure 3.1. Nitrification rates (nmol L-1 d-1) at four western Lake Erie sampling stations. 
Means (± SE) are indicated on each boxplot in red. Letters reflect differences in 
nitrification rates between stations (Tukey’s HSD post-hoc tests). n for each station is as 





























Nitrification rates were not influenced by depth across all stations (z1,291 = -1.01, p 
= 0.311) and months (z1,285 = -0.362, p = 0.717), but rates from samples collected ~ 1 m 
above the sediment were greater than surface measurements in 2015 (Mann Whitney U-
test, p = 0.006). Nitrification was subject to spatial variation (z3,295 = 19.1; p = 0.023), 
with rates at WE6 greater than those at WE4 and WE13, but no difference between 
stations WE2, WE4, and WE13 (Fig. 3.1). Nitrification rates also varied seasonally (z6,292 
= 4.62; p = 0.008), peaking in late spring/early summer, decreasing to low or 
undetectable levels during peak cyanoHABs (August and September), and then 
increasing in October once the bloom dissipated (Fig. 3.2). When all three sampling years 
were considered together, nitrification rates in June and July were greater than those in 
August and September (Fig. 3.2). Nitrification was greater in July 2015 than September 
2015 (Mann Whitney U-test, p < 0.001; Fig. 3.3), while June (Mann Whitney U-test, p < 
0.001) and July (Mann Whitney U-test, p = 0.048) had greater rates than August in 2016 
(Fig. 3.4). In 2017, there were no differences in nitrification rates between sampling 
months (Fig. 3.5). Differences in nitrification rates at individual stations between years 
were largely driven by WE4, but were not statistically robust at our chosen significance 
level; however, they are potentially meaningful in an ecological sense (Mann Whitney U-
test, p = 0.053–0.058) for the following: at WE4, rates in 2016 were greater in June than 
2015 or 2017, while nitrification in July 2017 was greater than in July 2015 or 2016, and 
rates in August 2017 were greater than August 2015 (Figs. 3.3–3.5). There was no overall 
difference in nitrification rates between years (z2,296 = 2.77; p = 0.250; Fig. 3.6). 
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Figure 3.2. Nitrification rates in each month at each station across all three years. Means 
(± SE) are indicated on each boxplot in red. Letters reflect differences in nitrification 
rates between months (Tukey’s HSD post-hoc tests). n for each month is as follows: 































Figure 3.3. Nitrification rates (nmol L-1 d-1) at each station and sample depth (S = 1 m 
below water surface, D = 1 m above sediment) in 2015. n = 3 for each station/depth.  
Aug Sept
Jun Jul
WE6 WE2 WE4 WE6 WE2 WE4

































Figure 3.4. Nitrification rates (nmol L-1 d-1) at each station and sample depth (S = 1 m 
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Figure 3.5. Nitrification rates (nmol L-1 d-1) at each station and sample depth (S = 1 m 
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Figure 3.6. Nitrification rates (nmol L-1 d-1) in each year. Means (± SE) are indicated on 
























In 2015, nitrification rates ranged from undetectable to 851 nmol L-1 d-1 (Figs. 
3.3, 3.6), with the greatest rates measured at WE2 in July (Fig. 3.3). Rates in August and 
September were much lower and often undetectable, although rates up to 230 nmol L-1 d-1 
were observed at WE4. In 2016, rate maxima (1,640 nmol L-1 d-1 at WE6 in June) were 
nearly 20 times the greatest values in 2015. During July and August 2016, rates remained 
below 35 nmol L-1 d-1 but increased to 200–300 nmol L-1 d-1 in September and up to 675 
nmol L-1 d-1 at WE13 in October (Fig. 3.4). Rates up to 1,000 nmol L1 d-1 were measured 
in 2017; as in 2015, this rate maximum was observed at WE2 in July (Fig. 3.5). Unlike 
previous years, some of the greatest rates (up to 772 nmol L-1 d-1) in 2017 were observed 
at stations furthest from the Maumee River (WE4 and WE13) in August and September, 
while rates at the westernmost stations increased again in October (Fig. 3.5). Nitrification 
rates were positively correlated with ambient NH4+ (⍴ = 0.368, p = 0.007), NO2- (⍴ = 
0.485, p < 0.001), NO3- (⍴ = 0.383, p = 0.005), and urea (⍴ = 0.315, p = 0.023) 
concentrations, as well as conductivity (⍴ = 0.319, p = 0.022), and were negatively 




Figure 3.7. Spearman’s rank correlations for environmental variables, rates, and gene 




3.3.3 Ammonia Oxidizer Abundances 
 
Figure 3.8. (a) AOB and (b) AOA amoA copies at each station across all three sampling 
years. Means (± SE) are indicated on each boxplot in red. Letters reflect differences in 
amoA copies between stations (Tukey’s HSD post-hoc tests). n for each amoA group at 

















































For bacterial amoA, gene counts were different across stations (t2,271 = 55.7; p < 
0.001). Across all three years, WE6, WE2 and WE4 were not different from each other, 
but all had greater AOB amoA copies than WE13 (Fig. 3.8a). The two deepest stations 
(WE4 and WE13) had greater copy numbers in near-bottom versus surface samples (z2,271 
= 14.5; p < 0.05, Fig. 3.8a). Archaeal amoA gene copies were not different between 
stations (t3,270 = 0.821; p = 0.095), and there was no difference in AOA by depth within 
each station (t3,266 = -0.623; p = 0.104; Fig. 3.8b).  
In 2015, bacterial amoA ranged from 3.72 x 105 – 4.14 x 106 copies ml-1 (Figs. 
3.9a, 3.10a), while AOA amoA ranged from 4.12 x 105 - 6.69 x 106 copies ml-1 (Figs. 
3.9b, 3.10b). In 2016, AOB abundances were between 2.87 x 105 and 1.06 x 108 copies 
ml-1 (Figs. 3.10a, 3.11a), and AOA ranged from 4.58 x 105 to 5.36 x 107 copies ml-1 
(Figs. 3.10b, 3.11b). amoA gene copies in 2017 ranged from 6.61 x 104 – 1.06 x 107 and 
1.17 x 104 – 7.78 x 106 for AOB (Figs. 3.10a, 3.12a) and AOA (Figs. 3.10b, 3.12b), 
respectively. Abundances of AOB differed across years, as did AOA (AOB: t2,272 = 80.9, 
p < 0.001; AOA: t2,271 = 127, p < 0.001). AOB gene copies were greater in 2016 than the 
other two sampling years, and there was no difference between 2015 and 2017 (Fig. 
3.10a). While AOA abundances were also greatest in 2016, all three years were different 




Figure 3.9. (a) AOB and (b) AOA (amoA gene copies ml-1) at each station and sample 
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Figure 3.10. Abundance of (a) AOB and (b) AOA amoA gene copy numbers in each 
sampling year. Means (± SE) are indicated on each boxplot in red. Letters reflect 
differences in amoA gene copies between years (Tukey’s HSD post-hoc tests). n for year 














































Figure 3.11. (a) AOB and (b) AOA (amoA gene copies ml-1) at each station and sample 
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Figure 3.12. (a) AOB and (b) AOA (amoA gene copies ml-1) at each station and sample 
depth in 2017. 
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Figure 3.13. (a) AOB and (b) AOA amoA copies in each month across all three years and 
all sampling sites. Means (± SE) are indicated on each boxplot in red. Letters reflect 
differences in amoA copies between months (Tukey’s HSD post-hoc tests). n for each 
month is as follows: April = 6, May = 24, June = 36, July = 42, August = 65, September 
















































AOB and AOA amoA gene copies in bloom months (July–September) were not 
different from each other (AOB: t6,268 = 10.2, p < 0.001; AOA: t6,267 = 9.03, p < 0.001), 
nor were they different in mid-spring (May), but amoA abundances in June were lower 
than in other months (Fig. 3.13). AOB abundances were not correlated with nitrification 
rates but were positively related to AOA gene copies (ρ = 0.902, p < 0.001), dissolved 
oxygen (ρ = 0.311, p = 0.038), and turbidity (ρ = 0.339, p = 0.023) and negatively 
correlated with Secchi depth (ρ = -0.336, p = 0.024; Fig. 3.7). AOA gene counts were 
similarly not related to nitrification rates, positively correlated with turbidity (ρ = 0.438, p 
= 0.003), and negatively related to Secchi depth (ρ = -0.363, p = 0.014), but AOA gene 
copies were additionally correlated with ortho-P concentrations (ρ = 0.413, p = 0.004; 
Fig. 3.7).  
 
3.3.4 Relative Abundances of Ammonia Oxidizers 
Overall, AOB amoA gene copies were greater than AOA (Mann-Whitney U-test; 
p < 0.001). The median AOB:AOA gene copy ratio across the entire dataset was 1.74 
(Fig. 3.14). In 2015 (DNA collected only in August and September), AOB and AOA 
were near equal in abundance, with a median ratio of 0.97. In 2016 and 2017, median 
AOB:AOA increased to 1.55 and 3.78, respectively. Seasonally, there was no difference 
across months (F6,272 = 1.27; p = 0.271), but the largest ratios were observed in 
September 2017 at WE4 (Fig. 3.14b). This peak ratio did not coincide with greatest 
nitrification rates in 2017. Across all three years, there was no difference in ratios by 
station (F3,275 = 1.08; p = 0.356), but within each station, higher ratios were observed in 
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near-bottom versus surface waters (F7,271 = 9.88; p < 0.001; Fig. 3.14), an effect driven 
mostly by deep water ratios in 2017 (Fig. 3.14c). 
AOB:AOA ratios in 2015 (August and September only) were not different from 
those in 2016, but ratios in 2017 were greater than those in other years (F2,276 = 20.6; p < 
0.001). AOB:AOA across all stations and depths ranged from 0.281 – 2.30 in 2015, 0.344 
– 32.9 in 2016, and 0.224 – 74.8 in 2017 (Fig. 3.14). The effect of depth differed by year; 
in 2015, few DNA samples were collected, and ratios by depth were at parity in August 
but not in September (Fig. 3.15). In contrast, surface samples in 2016 had generally 
greater ratios than near-bottom samples (Fig. 3.16), while samples taken at depth in 2017 
had markedly greater ratios of AOB:AOA (Figs. 3.14c, 3.17). amoA ratios were 
correlated with AOB gene copies (ρ = 0.635, p < 0.001) but not with AOA gene copies or 
any environmental parameter (Fig. 3.7)
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Figure 3.14. Ratio of AOB:AOA gene copies by (a) station, (b) month, and (c) year. 
AOB:AOA at WE4 in September 2017 = 74 (not shown). Means (± SE) are indicated on 
each boxplot in red. Letters reflect differences in amoA ratios between (a) station, (b) 








































Figure 3.15. AOB:AOA ratios at each station, sample depth (S = 1 m below water 
surface, D = 1 m above sediment), and month in 2015. n = 3 for each station/depth. 
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Figure 3.16. AOB:AOA ratios at each station, sample depth (S = 1 m below water 
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Figure 3.17. AOB:AOA ratios at each station, sample depth (S = 1 m below water 
surface, D = 1 m above sediment), and month in 2017. n = 3 for each station/depth. 
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 Results from this study indicate that, despite the ubiquitous presence of AOO, 
nitrification rates in WLE were lowest when cyanoHABs were present, and vice versa, 
suggesting that nitrification as a link to denitrification is unlikely to help compensate for 
external N loading and internal turnover with regard to mitigating cyanoHAB events. 
 
3.4.1 Nitrification Dynamics 
 Nitrification rates were expected to follow seasonal trends, peaking in pre- and 
post-bloom periods and becoming low or undetectable when cyanoHABs were present. 
Nitrification rates were lowest in August and September, when cyanoHAB biomass was 
highest. NH4+ concentrations were low during cyanoHABs, suggesting substrate 
limitation of nitrification. Although nitrification rates were not correlated with 
chlorophyll a, they were negatively correlated with phycocyanin (cyanobacteria 
pigment), which peaked during August and September. During the pre-bloom season, 
greatest nitrification rates were measured nearest the Maumee River discharge. However, 
nitrification rates were highest at stations furthest from the river inflow when cyanoHABs 
were present.  
As expected, positive relationships were observed between nitrification rates and 
substrate (NH4+) and end-product (NO2- and NO3-) concentrations. Relationships between 
nitrification rates and NOx concentrations are commonly reported (e.g., Pauer and Auer 
2000; Newell et al. 2011; Hampel et al. 2018; Cavaliere and Baulch 2019) and illustrate 
the importance of nitrification as a source of substrate for denitrification. Molecular O2 is 
obligate for ammonia oxidation, but no relationships were observed between nitrification 
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rates and dissolved oxygen (DO) concentrations. However, the WLE water column is 
shallow and generally well-mixed to the sediment surface, so DO concentrations have 
little or no vertical structure. There was no relationship between nitrification rates and 
temperature, which supports observations from a similar study conducted in another 
eutrophic lake afflicted with non-N fixing cyanoHABs (Taihu, Hampel et al. 2018). The 
lack of relationship with temperature is not surprising given that surface water 
temperatures were between 20–25 °C during most sampling events (Table 2.3) and 
nitrification rates may be unaffected by temperatures ranging from 15–35 °C (Shammas 
1986).  
Relationships between nitrification rates and pH were explored, since the optimal 
range for nitrification falls between pH 8 and 9, depending on AOO community structure 
(Shammas 1986). pH data for the water column was not collected as part of the GLERL 
sampling, so real-time buoy data from WE2, WE4, and WE13 were accessed. No 
discernable patterns or much variation in pH levels were observed, with values ranging 
from 7.7 to 9.1 but mostly remaining between 8 and 9 across sampling seasons and years 
(Cooperative Institute for Great Lakes Research; University of Michigan and NOAA 
Great Lakes Environmental Research Laboratory 2019). The stability of pH within the 
optimum range for nitrification indicates that pH is likely not a main driver of observed 
seasonal differences in nitrification rates.  
 Nitrification rates in this study (up to 1,640 nmol L-1 d-1) were within the range of 
or exceeded those reported in coastal marine systems, such as Narragansett Bay (up to 99 
nmol L-1 d-1; Heiss and Fulweiler 2016), the Southern California Bight (up to 100 nmol  
L-1 d-1; Ward 1987), the Georgia (USA) coast (up to 800 nmol L-1 d-1; Tolar et al. 2017), 
 158 
and some of the highest rates reported in the open ocean (up to 283 in the Eastern 
Tropical South Pacific and 348 nmol L-1 d-1 in the Eastern Tropical North Pacific; Ward 
et al. 1989 and Beman et al. 2012, respectively). Compared to other lakes in which 
15NH4+ tracer addition methods were employed, late spring/early summer nitrification 
rates in WLE greatly exceeded those measured in oligotrophic Lake Superior (USA, up to 
51 nmol L-1 d-1; Small et al. 2013) but were similar to those in saline Mono Lake (USA, 
up to 480 nmol L-1 d-1; Carini and Joye 2008) and Lake Croche (Canada, up to 333 nmol 
L-1 d-1; Massé et al. 2019). Nitrification rates in WLE were within the range of rates from 
other eutrophic lakes, including lakes Okeechobee (30 – 120 nmol L-1 d-1, James et al. 
2011;  2.04 – 1,280 nmol L-1 d-1, Hampel et al. 2020) and Taihu (China, up to 3,750 nmol 
L- d-1; Hampel et al. 2018). Rate maxima from WLE were also similar to maximum 
values reported in Taihu (Hampel et al. 2018). One exception to these eutrophic patterns 
is Lake Onondaga (New York, USA), where sediment, but not water column, nitrification 
was observed. The authors attribute this lack of water column nitrification to low nitrifier 
densities (101 cells ml-1), which contrasts with the present and many other studies (Pauer 
and Auer 2000).  
 
3.4.2 Nitrification vs. Community NH4+ Demand and Water Column Turnover 
Nitrification rates were compared to NH4+ regeneration and potential uptake rates 
(Chapter 2) to determine whether regeneration could supply enough NH4+ to fuel 
nitrification and the proportion of potential NH4+ uptake attributable to nitrification. As 
expected, the proportion of NH4+ uptake explained by nitrification was greatest in late 
spring and early summer but declined to, on average, less than 5% of total NH4+ demand 
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during cyanoHABs (Figs. 3.18a, 3.19). In 2015, the most intense cyanoHAB year, NH4+ 
demand by nitrification ranged from 0.00 to 7.04% (mean ± SE = 0.413 ± 0.133%; n = 
71). In 2016 and 2017, nitrification accounted for up to 55.2% (3.61 ± 0.745; n = 119) 
and 59.6% (3.81 ± 1.10; n = 143), respectively, early in the season (WE2 in June 2016) 
and at stations furthest from the Maumee River discharge (WE13 in August 2017; Figs. 
3.18b, 3.19). Nitrification contribution to community NH4+ uptake in WLE spanned a 
much greater range than in Lake Taihu, where values between 0.2–15% were reported, 
depending on station and season (Hampel et al. 2018). NH4+ regeneration represented an 
abundant supply of substrate for nitrification. On average, nitrification could use 1.47 ± 
0.373% (n = 71) of regenerated NH4+ in 2015, 9.40 ± 1.82% (n = 119) in 2016, and 207 ± 




Figure 3.18. The proportion of community potential NH4+ uptake explained by 
nitrification in each (a) month and (b) at each station in each year. Means (± SE) are 
indicated on each boxplot in red. n for each month is as follows: April = 6, May = 36, 


















































Figure 3.19. The proportion of community potential NH4+ uptake explained by 
nitrification in each month within each sample year. Means (± SE) are indicated on each 
boxplot in red. n for each month in each year is as follows: 2015 (June = 18, July = 18, 
August = 18, September = 18); 2016 (April = 6, May = 12, June = 24, July = 18, August 
= 24, September = 12, October = 24); 2017 (May = 24, June = 24, July = 24, August = 



























3.4.3 Ammonia-Oxidizer Community Abundance, Nitrification, and Competition 
Dynamics 
 It was hypothesized that AOB abundance would outnumber AOA due to 
differences in relative affinity for NH4+ and the AOB community’s resulting competitive 
advantage in high-NH4+ environments. Ambient NH4+ concentrations in WLE ranged 
from undetectable to 7.30 µM (Table 2.2), within the established Km for AOB but often 
greater (except when ambient pools were depleted in August) than that of AOA 
(Martens-Habbena et al. 2009). Higher abundances of AOO were expected during non-
bloom months, but AOO gene copies were lowest in June, when some of the greatest 
nitrification rates were measured. The observations that AOB were influenced by a 
spatial gradient, but AOA were not, and the significant effect of station depth for only the 
two easternmost and deepest stations for AOB, were unexpected. Both AOB and AOA 
gene copies were positively correlated with turbidity, which may be related to incoming 
sediment loads from the Maumee River and/or sediment resuspension. Differences in 
spatial and depth trends between AOB and AOA communities may be a function of their 
relative distribution of AOO in these different water and sediment sources from the 
Maumee and Detroit river inflows.  
Despite the presence of AOO at all stations and times, nitrification rates were low 
during summer months and constituted a small fraction of community potential NH4+ 
demand. There was also no correlation between measured nitrification rates and either 
AOB or AOA amoA gene copies. With a subset of the data (undetectable rates removed), 
nitrification rates and AOA gene copies were correlated (ρ = 0.19, p = 0.049). A similar 
study in Lake Taihu found that nitrification rates were correlated with AOB but not AOA 
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(Hampel et al. 2018), while nitrification rates were strongly related to AOA abundance in 
Lake Okeechobee (Hampel et al. 2020) and the Gulf of California (Beman et al. 2008). 
amoA abundance was quantified using DNA, as opposed to gene transcription via RNA; 
accordingly, results presented here reflect genetic potential, but not actual activity. This 
approach and resulting inability to determine in situ activity likely explains discrepancies 
between biogeochemical and molecular results. This finding also supports the hypothesis 
that, although present and presumably active, the AOO community was not effective 
competing for available NH4+, especially during cyanoHABs.  
There are certain caveats to interpreting the molecular results. First, there is 
uncertainty involved with using qPCR to determine actual gene copies in environmental 
samples. Final quantification of abundances can be affected by extraction methods, which 
makes direct comparisons between studies difficult (Smith and Osborn 2009). The 
reproducibility of qPCR standard curves can result in inaccurate assessments within a set 
of samples if multiple reactions are performed (Smith et al. 2006). While the volume of 
samples and available equipment required multiple qPCR reactions to analyze this 
dataset, Ct values of the standards for each run were not different from each other. Many 
studies have used different nucleic acid extraction methods, so comparisons made below 
are intended for interpretation as relative abundance and not absolute gene counts.  
Considering relative abundances between studies, high gene abundances reported 
in this study must also be considered. Betaproteobacterial AOB, particularly within the 
genus Nitrospira, can have up to three amoA gene copies compared to one in AOA 
(Norton et al. 2008; Blainey et al. 2011; Lagostina et al. 2015). Accordingly, amoA 
abundances here do not equate to cell number. Specific community members were not 
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identified in this study, and attempts to correct AOB:AOA ratios with variations in copy 
number within each genome do not always explain high AOB:AOA ratios (Lagostina et 
al. 2015). Thus, gene copy numbers were not corrected based on potential genomic 
differences among AOB and AOA.  
Despite these caveats, high abundances of amoA in WLE are not surprising, since 
large numbers (up to 109 copies g-1) of AOB and AOA were found in Lake Erie 
sediments (Bollmann et al. 2014). Since WLE is well-mixed and often turbid, particle-
associated AOO communities may be introduced into the water column via sediment 
loading from the river and/or sediment resuspension. Within the water column, 
Proteobacteria, including AOB, can account for nearly 20% of the metagenome during 
cyanoHABs in WLE (and ~70% in hypereutrophic Lake Taihu; Steffen et al. 2012), but 
these estimates do not account for co-occurring AOA.  
The only other known literature on water column AOB and AOA abundances in 
Lake Erie comes from a central basin location, where AOB also outnumbered AOA, the 
latter of which were undetectable except at a single depth (20 m; Mukherjee et al. 2016). 
However, the authors were unable to detect any AOO in surface waters, which contrasts 
with the large surface water abundances reported here (mean ± SE = 1.20 x 107 ± 1.98 x 
106 and 6.70 x 106 ± 9.60 x 105 copies ml-1 for AOB and AOA, respectively). Although 
cyanoHABs have been reported in the central basin in June/July (Chaffin et al. 2019), 
chlorophyll a remained below 1 µg L-1 (Mukherjee et al. 2016), indicating that 
cyanoHABs were likely not present. These discrepancies between studies may thus be 
partly attributable to different methodologies for enumeration (CARD-FISH versus 
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qPCR) or temporal variation in communities (Mukherjee et al. sampled only in July 
2011).  
Approximate parity between AOB and AOA abundances in the WLE water 
column aligns with findings from work conducted in Lake Erie sediments but contrasts 
with results from other eutrophic lakes. At a station near WE6, AOB and AOA numbered 
from 106 – 107 copies per g sediment, and the two community abundances were not 
different from each other (Bollmann et al. 2014). In Lake Taihu, AOA outnumbered 
AOB in the water column, with AOA and AOB gene copies ml-1 reaching as high as 107 
and 105, respectively (Hampel et al. 2018). In a Taihu mesocosm experiment, however, 
AOB outnumbered AOA by up to two orders of magnitude (Chen et al. 2016). AOB gene 
copies in WLE were often much greater than those in Taihu by an order of magnitude, 
but AOA gene copies were similar between the two lakes. Similarly, AOA abundances in 
Lake Okeechobee exceeded those of AOB (AOA up to 106, AOB up to 105; Hampel et al. 
2020), with maximum abundances in WLE greater for both AOA and AOB by an order 
of magnitude or more.  
Although nitrification rates in WLE were much greater, AOB and AOA 
abundances in WLE were often within the range of coastal marine systems, including the 
Southern California Bight (AOA up to 104 gene copies ml-1; Ward 1987), the northern 
Gulf of Mexico (mean AOB and AOA of 105 and 106 gene copies ml-1, respectively; 
Tolar et al. 2013), and the Georgia coast (up to 105 copies ml-1; Tolar et al. 2017). AOO 
community abundance in WLE exceeded those from the central California current (AOB 
up to 400 copies ml-1, AOA 104 gene copies ml-1; Santoro et al. 2010). In estuarine 
systems, AOA may outnumber AOB, as reported in the Yangtze River and Puget Sound 
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estuaries (Zhang et al. 2014 and Urakawa et al. 2014, respectively). In the former, 
abundances of AOO amoA were up to three orders of magnitude lower (103–105 copies 
ml-1) than those from WLE (Zhang et al. 2014), while AOB abundances in Puget Sound 
were much lower (104–105 copies ml-1), and AOA abundances were similar (105–106 
copies ml-1; Urakawa et al. 2014).  
While early studies of AOA indicated that they were largely important in 
oligotrophic environments (Beman et al. 2008; Pester et al. 2012), other work has 
demonstrated that some AOA ecotypes may thrive in eutrophic systems. AOA are 
abundant alongside AOB in wastewater treatment plant bioreactors (e.g., Park et al. 2006; 
Limpiyakorn et al. 2013; Zhang et al. 2015), and new ecotypes have been reported in 
eutrophic lakes, such as Lake Okeechobee (Hampel et al. 2020). Given evolving 
knowledge and high abundances of AOA in WLE and other eutrophic lakes, AOA may 
play a larger role in these systems than previously thought (Zeng et al. 2012; Damashek 
et al. 2015; Hampel et al. 2018 & 2020).  
Despite some discrepancies in AOO abundance dynamics between this study and 
others conducted in eutrophic lakes, seasonal patterns of nitrification rates suggest that 
the presence of cyanoHABs suppresses nitrification in WLE. This observation supports 
findings reported in lakes Taihu (Hampel et al. 2018) and Okeechobee (Hampel et al. 
2019), both of which are also afflicted with Microcystis-dominated cyanoHABs, and this 
synergy between studies may be explained by the strong affinity of Microcystis for NH4+. 
Studies in culture and lakes have reported a broad range of Km values for Microcystis, 
with maximum values reaching 37 µM in culture (Nicklish and Kohl 1983) and 113 µM 
in lakes (Yang et al. 2017). In Maumee Bay, community Km values changed along a 
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seasonal gradient, beginning at very low Km (0.32 µM) in early summer, increasing to 
3.53 µM in August and 8.52 µM in October (Hampel et al. 2019). This pattern illustrated 
community dominance of Microcystis during cyanoHAB development and peak bloom 
biomass, which reflects the strong competitive abilities of Microcystis for available NH4+. 
Based on previously discussed literature values, coupled with seasonally decreasing 
nitrification rates and NH4+ concentrations along a similar gradient, it appears that 




These results are, to the best of our knowledge, the first direct measurements of 
water column nitrification rates in WLE. Despite high water column NH4+ demand 
during peak cyanoHABs (Chapter 2), nitrification rates comprised a small proportion of 
community NH4+ demand, indicating that nitrifiers were not competitive for NH4+ 
compared to Microcystis. Even though ambient NH4+ concentrations were low during 
cyanoHABs, NH4+ regeneration occurred (although at lower rates than earlier in the 
season) at rates exceeding nitrification. However, where regeneration is greatest at those 
times (WE6, Chapter 2), nitrification is also near-undetectable, further supporting that 
nitrifiers are not able to scavenge NH4+ as efficiently as cyanoHABs in WLE. The lack of 
relationships between amoA gene copies and nitrification rates indicates that gene 
abundance is not a reliable indicator of nitrification activity in WLE, and future studies 
should consider RNA or metatranscriptomic analysis when comparing rate measurements 
to genetic data. The ability of water column nitrification to act as a buffer against external 
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N loading by supplying the substrate for denitrification is impeded by cyanoHABs in 
WLE and similar systems; therefore, management of external N loads is crucial for 
mitigating the harmful effects of eutrophication. Ecosystem models often neglect within-
system transformation pathways, such as nitrification, and as such may lack important 
information needed to accurately make management decisions. Accordingly, results from 
this and other studies should be considered when creating models to help inform nutrient 
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CHAPTER 4. DISTRIBUTIONS OF NH4+ CYCLING DYAMICS AND THE 
AMMONIA-OXIDIZING MICROBIAL COMMUNITY ACROSS THE THREE 
BASINS OF LAKE ERIE  
 
ABSTRACT 
Lake Erie’s three basins are morphologically and trophically distinct, and internal 
nitrogen cycling pathways in each are poorly understood. During three cruises in Lake 
Erie in 2015 and 2017, 15N stable isotope additions and molecular techniques were used 
to quantify rates of ammonium (NH4+) regeneration, potential uptake (including 
nitrification), and the relative abundance of the ammonia-oxidizing (AOO) community in 
the water column.  NH4+ regeneration and potential uptake rates peaked, along with 
phytoplankton biomass, in the western basin, while highest nitrification rates were 
observed outside of the western basin. Nitrification accounted for 0.10–61% of potential 
NH4+ uptake, with the largest percentages observed at stations distant from the Maumee 
River inflow. AOO were abundant at all stations, and ammonia-oxidizing bacteria (AOB) 
generally outnumbered ammonia-oxidizing archaea (AOA), with large discrepancies in 
relative abundances (where AOB abundances exceeded AOA by orders of magnitude) in 
the eastern basin. Despite this abundance, and corresponding to low rates of nitrification, 
nitrifiers in Lake Erie do not appear to be strong competitors for NH4+ compared to the 
total microbial community.  
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4.1 INTRODUCTION 
 Lake Erie is the smallest (by volume), shallowest, and warmest of the Laurentian 
Great Lakes and is subject to ecological and human health concerns due to annual and 
summer harmful cyanobacterial blooms (cyanoHABs) in the western basin (Watson et al. 
2016). Despite this regional interest, Lake Erie encompasses a much larger area and more 
ecosystem diversity than the focus on its western basin suggests. From west to east, Lake 
Erie spans a length of approximately 350 km, with a coastline covering nearly four times 
that length (~1,400 km) and including four U.S. states (Ohio, Michigan, New York, and 
Pennsylvania) and one Canadian province (Ontario). Its waters represent a surface area of 
more than 25,000 km2, with an estimated volume of 483 km3 and a watershed drainage 
area of 78,000 km2 (Herdendorf 1984). This volume is spread across three 
morphologically and trophically distinct basins. The western basin, eutrophic and prone 
to disruptive cyanoHABs, is the shallowest and most well-mixed, with an average depth 
of 7.4 m. The central basin is mesotrophic, experiences seasonal bottom-water hypoxia 
and cyanoHABs (Chaffin et al. 2019), and has an average depth of 18.3 m (PA DCNR 
2010; PA Sea Grant 2013). The eastern basin is the deepest and least productive, with an 
average depth of 27 m (Great Lakes Fisheries Commission 2017) and the most 
oligotrophic profile in offshore regions (Edwards et al. 1990; Barbiero and Tuchman 
2004; Depew et al. 2006; Wang et al. 2008).  
Lake Erie is subject to varied hydrologic and biological influences across its three 
basins. The main water discharge to Lake Erie is the Detroit River (outflow of Lake 
Huron) in the upper western basin, while the natural outflow is the Niagara River in the 
eastern basin. Residence time of water in the western basin is approximately 51 days 
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(Millie et al. 2009), while residence time for the whole lake is 2.6 years (Quinn 1992). 
Since the late 1980s, all three basins have been invaded by Dreissenid mussels (zebra and 
quagga; Barbiero and Tuchman 2004), which improve water clarity but also promote 
cyanoHABs via rapid nutrient cycling (Conroy et al. 2005) and selective filter-feeding 
(Vanderploeg et al. 2001). The central basin is subject to cyanoHABs dominated by 
Dolichospermum (capable of N fixation) in June and July and non-N-fixing Microcystis 
in August and September (Chaffin et al. 2019). Microcystis blooms in the western basin 
may spread to or be transported into the central basin (Chaffin et al. 2014).  
The prior two chapters of this dissertation have described recent work on 
ammonium (NH4+) dynamics in the water column of the Lake Erie western basin. Spatial 
and seasonal dynamics with NH4+ regeneration and potential uptake were observed, with 
regeneration representing an internal nitrogen (N) loading mechanism to provide 
bioavailable N to primary producers. The increased demand for NH4+ as cyanoHAB 
biomass increases during summer months, and the role of regeneration in fueling 
cyanoHABs, supports results from other studies in eutrophic lakes, as does our finding 
that nitrification rates are inhibited during cyanoHABs. However, knowledge of these 
water column N cycling pathways in the central and eastern basins is currently absent 
from the literature.  
Ammonia-oxidizing bacteria (AOB) and archaea (AOA) were previously thought 
to exhibit niche differentiation by environment trophic status as a result of their 
respective affinities for NH4+. Specifically, AOB have a higher half-saturation constant 
(Km) for NH4+ than AOA; accordingly, AOA were previously thought to proliferate in 
low nutrient environments, such as the oligotrophic open ocean (Pester et al. 2012; 
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Hatzenpichler 2012), while AOB are more likely to succeed in high NH4+ environments, 
such as eutrophic lakes (Martens-Habbena et al. 2009). However, other work found that 
AOA can be found in high numbers in nutrient rich environments, such as wastewater 
treatment plants (Park et al. 2006; Limpiyakorn et al. 2013; Zhang et al. 2015) and 
eutrophic lakes Okeechobee (Hampel et al. 2020) and Taihu (Hampel et al. 2018). Thus, 
previously undescribed ecotypes of AOA may play a much larger role in the nitrifying 
community of eutrophic environments than described in earlier literature (Hampel et al. 
2020).  
 The water column of Lake Erie was sampled during three cruise events to 
quantify several N cycling pathways across all three basins. I hypothesized that (1) NH4+ 
regeneration and potential uptake (including nitrification) rates, as well as ammonia-
oxidizing organism (AOO) community structure, would vary along a spatial gradient 
extending across Lake Erie's three basins, with patterns in AOO community structure 
differing based on the morphological, biological, and physicochemical characteristics of 
each basin; (2) NH4+ regeneration and potential uptake rates would be lower in the 
offshore central and eastern basins than in the western basin, corresponding to lower 
water column nutrient concentrations and phytoplankton biomass. Nitrification rates were 
predicted to be higher outside of the western basin, where nitrification may be suppressed 
during cyanoHABs (e.g., Hampel et al. 2018; Chapter 3), but nitrification in the central 
and eastern basins may be limited by substrate availability and potential oxygen and 
temperature stratification at depth. Although AOA can dominate nitrifying gene 
abundances in eutrophic lakes (Hampel et al. 2018, 2020; Chapter 3), based on the 
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trophic state of each basin AOB were hypothesized to outnumber AOA in the western 
basin, while AOA may dominate the AOO community in the oligotrophic eastern basin.  
 
4.2 METHODS 
4.2.1 Field Sampling 
Sampling was conducted aboard the CCGS Limnos in conjunction with the 
Environment and Climate Change Canada (ECCC) HABs program. Cruises occurred in 
October 2015, August/September 2017, and October 2017. Six stations (215, 885, 387, 
880, 1057, and 452) were sampled in 2015, seven (215, 966, 970, 972, 880, 1057, and 
452) in August/September 2017, and two (880 and 452) in October 2017 (Fig. 4.1). 
During each cruise, stations were selected along the east-west span of Lake Erie. During 
October 2017, inclement weather conditions limited sampling to two stations, one in the 
central basin (880; Fig. 4.1), and one in the eastern basin (452; Fig. 4.1). At each station, 
water was collected from two depths (~1 m below the surface and ~2 m above the 
sediment surface) using a 10-L Niskin bottle. 10 L of water from each depth was 
transferred into 3-L polyethylene containers. Ambient nutrient and DNA samples were 
immediately filtered, frozen, and stored until analysis, as described in Chapters 2 and 3. 
CTD data for water temperature, conductivity, oxygen concentration and percent 
saturation, transmittance, and turbidity, and fluoroprobe samples for chlorophyll a, 
phycocyanin, and algal pigments were collected by ECCC. While ECCC reports some 
algal pigments as blue-green algae, the more contemporary term cyanobacteria is used in 






Figure 4.1. CCGS Limnos and Environment and Climate Change Canada HABs (plus 
NOAA GLERL; see Statistical Analysis section below) cruise sample stations in Lake 
Erie. Stations are located at the following coordinates: 215 (41.73389, -83.38417), 387 
(41.67472, -83.17444), 885 (41.51389, -82.64111), 970 (41.86008, -83.05152), 972 
(41.86831, -83.19705), 966 (41.97892, -82.62982), 880 (41.93639, -81.65389), 1057 




4.2.2 Incubations, Rate Calculations, and Molecular Work 
 Protocols for NH4+ regeneration and potential uptake are described in Chapter 2. 
Due to issues with 15N analyses, uptake and regeneration rates could not be calculated for 
several stations in 2015. However, total (14N+ + 15N) NH4+ concentrations were still 
available for each sample, so community biological NH4+ demand (CBAD; Gardner et al. 
2017) was calculated as follows:  
 Equation 1: C0–Cf / t = CBAD 
 where C0 is the NH4+ concentration in each bottle at incubation initiation, Cf is the 
NH4+ concentration at the end of the incubation, and t is the incubation period (h).  
Methods for 15NH4+ tracer nitrification and quantification of AOB and AOA 
amoA genes are described in Chapter 3. The isotope pool dilution approach (Carini et al. 
2010) was also employed in 2017 for measuring nitrification rates. Pool dilution 
nitrification samples underwent post-collection processing by conversion of nitrite (NO2-) 
and nitrate (NO3+) (combined = NOx) to NH4+. Samples collected in 50 ml centrifuge 
tubes (Corning) were acidified with 70 ul of 2M sulfuric acid, followed by 150 mg zinc 
powder and 3 ml of boric acid buffer (pH 9.41). Samples were tightly capped and placed 
on a shaker table at 75 rpm to incubate at room temperature (~21 ˚C) for 30 min. Each 
sample was then filtered (0.2 µm Nylon syringe filter) to remove suspended zinc and 
refrozen until analysis. Separate pre- and post-incubation samples for total NH4+ and NOx 
concentrations were filtered (0.2 µm Nylon syringe filter) into 15 ml polypropylene tubes 
and frozen (-20 °C) until analysis. Total NH4+ (15N + 14N) and 15NH4+ concentrations 
were determined using a Lachat QuikChem 8500 FIA (colorimetric) and OX-MIMS (Yin 
et al. 2014) methods, respectively, as detailed in Chapter 2. Samples were corrected for 
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ambient NH4+ concentrations by subtracting background NH4+ from subsamples that 
were not zinc reduced. Nitrification rates were calculated as changes in 15N-labeled NOx 
and total NOx ratios using the regeneration/production equation from the Blackburn 
(1979) isotope dilution model (see Chapter 2).  
 
4.2.3 Statistical Analysis 
 All statistical analyses were performed in R (R Core Team 2020). Due to small 
sample size (n = 2 or 3 for each station/depth at each time point), and based on the 
hypotheses of basin-driven patterns, one-way ANOVA using the aov function in the base 
package (R Core Team 2020) was used to determine spatial differences in rates and AOO 
gene copies, and nitrification rates were grouped by basin instead of station. As in 
Chapter 3, general linearized models (glm function, “lme4” package; Bates et al. 2015) 
were used to determine spatial differences in amoA gene copies. Where effects were 
observed, differences in specific pairings were examined via Tukey’s HSD (α = 0.05). 
Given the lack of uniformity between cruise timing and stations sampled, temporal 
differences were not examined. Since NH4+ regeneration, potential uptake, and 
nitrification samples from the western basin in 2015 could not be analyzed, and 
considering that inclement weather prevented extensive sampling in October 2017, data 
from other sampling events conducted with NOAA GLERL in the western basin (Chapter 
2) were included to expand the spatial gradient. Where data was added, samples had been 
collected and incubated within the week prior to the cruise. GLERL stations WE6 and 
WE4 are very near stations 215 and 972, respectively, and the former has been 
substituted for the latter as noted, with the addition of station WE2 (which falls between 
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WE6 and WE4). Spearman’s rank correlations (rcorr function, “Hmisc” package; Harrell 
2019) were used to determine relationships with measured rates and environmental 
variables (α = 0.05). Since only four station/depth collections were made in October 
2017, all 2017 (August and October) data were combined for correlation analysis. 
Boxplots used to present basin differences for each rate and gene count are as previously 
described in Chapters 2 and 3.  
 
4.3 RESULTS 
4.3.1 Ambient Environmental Characteristics 
In October 2015, I sampled from six stations ranging in depth from 5.5 m (station 
387) to 52 m (station 452). Water temperature was relatively uniform across the span of 
the lake (~14–16 °C), with the exception of the easternmost and deepest station (452), 
where temperatures were nearly half those at all other stations and depths (Table 4.1). 
Conductivity exhibited few differences across all stations and between surface and deep 
waters. Oxygen concentration and percent saturation was greatest in the western basin 
and lowest in the central basin. Turbidity was highest in the western basin and decreased 
moving eastward across the lake. Nutrient concentrations were greatest at station 215, 
nearest the Maumee River inflow to western Lake Erie (WLE), and decreased with 
distance from the river, with the exception of NH4+ and NO3-, which had concentration 
spikes at stations 1057 and 452, respectively (Table 4.1). Phytoplankton biomass was 
concentrated in WLE and decreased moving eastward, with cyanobacteria and diatoms 
comprising most of the algal biomass at most stations and depths, however there were no 
cyanoHABs in the central or eastern basin (Table 4.2). 
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215 1 14.9 0.270 9.10 89.7 0.010 171 5.70 0.510 8.22 0.620 0.630 7.90
215 8 14.7 0.270 9.02 89.0 0.010 201 5.23 0.513 8.27 0.850 0.750 --
387 1 16.9 0.200 7.62 78.7 1.32 87.3 1.77 0.186 3.00 0.200 0.330 8.12
387 5.5 16.7 0.200 8.98 92.6 1.11 99.1 1.66 0.185 2.99 0.210 0.290 --
885 1 17.9 0.210 7.62 78.7 1.32 87.3 1.55 0.190 3.07 0.200 0.490 8.16
885 9.5 17.0 0.210 8.96 92.4 1.10 94.7 1.96 0.195 3.15 0.190 0.430 --
880 1 18.1 0.240 5.95 63.0 46.1 14.6 1.68 0.118 1.91 0.068 0.025 7.94
880 24 17.9 0.240 5.94 62.3 47.2 58.7 1.63 0.125 2.02 0.089 0.280 7.95
1057 1 17.6 0.230 8.94 93.8 65.8 4.01 0.97 0.119 1.92 0.036 0.330 8.17
1057 22 17.5 0.230 7.27 75.7 75.9 3.96 2.68 0.117 1.88 0.072 0.300 8.05
452 1 17.0 0.240 6.49 67.2 81.6 1.66 0.48 0.155 2.50 0.029 0.310 8.18
452 52 8.04 0.190 8.20 69.4 90.9 1.73 0.01 0.320 5.16 0.037 0.270 --
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Table 4.2. Ambient biological parameters (relative chlorophyll a and relative 
phycocyanin, in relative fluorescence units (RFU), from CTD; all others in µg L-1 from 
fluoroprobe measurement) in October 2015.  
 
Station Depth (m) Chlorophyll a Phycocyanin Cyanobacteria Diatoms Cryptophyta Total Algae
215 1 0.55 0.08 9.02 5.06 0.00 16.2
215 8 0.42 0.08 9.28 5.50 0.00 17.0
387 1 0.39 0.04 4.78 4.71 0.00 10.4
387 5.5 0.32 0.04 4.69 4.58 0.392 10.6
885 1 0.39 0.04 4.39 3.90 0.721 9.79
885 9.5 0.36 0.04 4.85 3.30 0.023 9.14
880 1 0.17 0.01 0.702 1.80 0.538 3.58
880 24 0.15 0.01 0.932 1.85 0.288 3.60
1057 1 0.16 0.01 1.36 1.03 3.11 6.19
1057 22 0.12 0.01 0.683 0.11 1.08 2.44
452 1 0.16 0.01 0.320 1.13 1.22 3.05
452 52 0.02 0.00 0.225 0.00 0.145 0.63
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During the August 2017 cruise, I sampled from seven stations with a depth range 
of 8 m at station 215 in WLE to 52 m in the eastern basin (station 452). Surface water 
temperatures were consistent across the lake (~21–23 °C), but temperatures were as low 
as 12.5 and 5.5 °C, respectively, in bottom water at the deepest stations (880 and 452; 
Table 4.3). There was little variation in conductivity between stations, although deeper 
and more eastern stations tended to have slightly greater values. In contrast, oxygen 
concentrations were much more variable; surface waters were near or above 100% 
saturation, and deep waters from stations 11 m deep or less remained oxygenated. 
However, at the two central basin stations (880 and 1057), oxygen concentrations 
decreased to hypoxic (and near anoxic) levels in bottom water (Table 4.3). At the eastern 
basin station (452), oxygen was abundant at both surface and depth. Station 215 was 
more turbid than any other station and also exhibited peak algal biomass values, and 
cyanobacteria and cryptophytes dominated the phytoplankton community. As with the 
October 2015 cruise, total biomass was low in the central and eastern basins, indicating 
no cyanoHABs at these stations (Table 4.4). In WLE, nutrients were depleted west of 
station 215, while NO3- concentrations east of station 215 increased to 13 – 15 µM. NO3- 
concentrations were 6 – 8 µM in the central basin, regardless of depth. A deep NO3- pool 
was present at station 452 in the eastern basin, with higher concentrations than any others 
measured that week (Table 4.3).  
 In October 2017, only one central basin (880) and one eastern basin (452) station 
were sampled due to inclement weather. Temperature was consistent at ~20 °C at both 
central basin depths and the surface at station 452. Temperature was 6 °C at 52 m at 
station 452, where the lowest percent oxygen saturation also occurred (Table 4.3). NH4+ 
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concentrations were 3x greater at station 880 than 452, but NO3- concentrations at 452 
were 2–7x greater than 880, with the largest pool of NO3- observed at depth (Table 4.3). 

































August 215 1 22.0 238 9.50 109 3.88 34.1 0.038 0.010 0.260 0.350 BDL 9.34
215 8 22.0 241 7.48 85.5 0.65 58.7 0.140 0.018 0.070 0.590 0.083 9.33
970 1 22.6 228 9.60 111 63.4 2.00 1.42 0.340 13.9 0.190 BDL 8.58
970 10.5 22.4 228 7.48 86.3 53.2 4.87 0.300 0.360 13.9 0.250 BDL 8.03
972 1 22.0 224 8.60 98.3 59.1 2.28 4.50 0.210 14.4 0.260 BDL 8.63
972 8.5 21.7 237 7.08 80.6 54.4 5.34 0.370 0.180 14.5 0.180 BDL 8.66
966 1 22.7 239 10.1 118 65.7 3.60 0.380 0.400 15.6 0.230 BDL 8.89
966 11 22.5 239 7.78 89.9 66.4 2.23 0.350 0.420 15.1 0.190 BDL 8.88
880 1 22.4 271 8.15 94.0 75.2 0.439 0.580 0.700 7.58 0.270 BDL 8.71
880 24 12.5 292 0.19 1.81 70.2 1.45 2.22 0.830 6.64 0.410 0.144 8.62
1057 1 21.9 274 8.26 94.4 71.7 0.702 0.410 0.550 8.01 0.270 BDL 8.67
1057 22 14.2 312 0.13 1.24 50.6 0.00 8.04 0.560 8.54 0.300 0.005 8.03
452 1 21.9 281 8.47 96.8 79.0 0.467 0.072 0.340 8.07 0.260 0.006 8.70
452 52 5.52 293 8.99 71.4 89.4 0.170 BDL 0.140 22.1 0.280 0.048 8.12
October 880 1 19.3 277 7.35 79.8 34.5 5.96 1.55 0.780 3.49 0.380 0.127 7.93
880 24 19.3 277 7.25 78.6 34.4 6.97 1.64 0.750 3.80 0.410 0.122 7.91
452 1 18.1 282 8.20 86.8 76.6 0.771 0.560 0.610 8.11 0.420 0.027 8.16
452 52 6.01 296 6.98 56.2 88.6 0.403 0.170 0.230 21.4 0.390 0.042 7.58
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Table 4.4. Ambient biological parameters (relative chlorophyll a and relative 
phycocyanin, in relative fluorescence units (RFU), from CTD; all others in µg L-1 from 




Month Station Depth (m) Chlorophyll a Phycocyanin Cyanobacteria Diatoms Cryptophyta Total Algae
August 215 1 0.66 0.14 24.0 0.00 9.25 35.1
215 8 0.69 0.21 47.1 0.83 16.4 66.1
970 1 0.13 0.02 3.43 3.13 0.00 6.67
970 10.5 0.13 0.01 2.46 1.54 0.74 4.85
972 1 0.06 0.01 1.06 0.41 1.12 3.85
972 8.5 0.11 0.01 1.84 1.68 0.33 4.16
966 1 0.13 0.02 2.25 2.73 0.70 6.06
966 11 0.13 0.01 2.92 2.78 0.41 6.54
880 1 0.29 0.02 0.67 2.86 3.06 7.10
880 24 0.06 0.01 0.77 3.61 1.97 6.91
1057 1 0.33 0.02 0.29 4.60 2.24 7.49
1057 22 0.17 0.01 0.33 4.89 2.11 7.69
452 1 0.25 0.01 1.58 3.64 0.10 5.48
452 52 0.02 0.00 0.35 0.00 0.00 0.63
October 880 1 0.35 0.02 -- -- -- --
880 24 0.36 0.02 -- -- -- --
452 1 0.21 0.01 -- -- -- --
452 52 0.01 0.00 -- -- -- --
 197 
4.3.2 NH4+ Potential Uptake, Regeneration, and CBAD 
 
 
Figure 4.2. Potential NH4+ uptake (mean ± SE, µmol L-1 h-1) in surface (S) and deep (D) 
samples and (a) light (L) and (b) dark (D) treatments. Stations are grouped from west to 
east by basin (western = W, central = C, eastern = E). n = 3 for each station/depth.  
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In October 2015, NH4+ regeneration and potential uptake rates could only be 
quantified at stations 880, 1057, and 452, but supplemental data from sampling with 
NOAA GLERL the week prior provided spatial proxies for stations 215 and 972. 
Potential NH4+ uptake ranged from 0.012 – 1.48 µmol L-1 h-1 (mean ± SE = 0.293 ± 
0.028; n = 95), and rates from light treatments were greater than those from dark 
incubations (F1,206 = 11.9; p < 0.001; Fig. 4.2). Light NH4+ uptake differed across basins 
(F2,30 = 5.49; p = 0.009), with light rates in WLE greater than in the central and eastern 
basins, while no basin-driven differences among dark NH4+ uptake rates were observed 
(Fig. 4.3). Light NH4+ uptake was positively correlated with dark NH4+ uptake (⍴	=	
0.943, p = 0.005), conductivity (⍴ = 0.926, p = 0.008), and relative diatom abundance    
(⍴ = 1.00, p < 0.001), but negatively correlated with oxygen concentration (⍴ = -0.829,    
p = 0.042; Fig. 4.4). Dark NH4+ uptake was related to the same parameters and 





Figure 4.3. Potential NH4+ uptake (µmol L-1 h-1) in (a) light (L) and (b) dark (D) 
treatments within each basin. Means (± SE) are indicated on each boxplot in red. Letters 
and numbers reflect differences in NH4+ uptake rates between basins (Tukey’s HSD post-
hoc tests) within each cruise (lowercase letters for October 2015, uppercase letters for 
August 2017, and numbers for October 2017), where applicable. n in each basin for each 
rate is as follows: October 2015: western = 17, central = 10, eastern = 6; August 2017: 

































































Figure 4.4. Spearman's rank correlations for relationships between rates and 
environmental variables in October 2015. Abbreviations are described in Appendix. 
Relationships with p values ≤ 0.05 are shown. 
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NH4+ regeneration rates in October 2015 ranged from 0.013 to 0.997 µmol L-1 h-1 
(mean ± SE = 0.171 ± 0.018; n = 95), and light NH4+ regeneration rates were greater than 
dark regeneration (F1,61 = 5.17; p = 0.022; Fig. 4.5). Although greatest NH4+ regeneration 
rates were measured at station 215 (Fig. 4.5), there was no difference in NH4+ 
regeneration between basins for either light (F2,30 = 1.09; p = 0.350) or dark (F2,27 = 3.95; 
p = 0.071) treatments (Fig. 4.6), and depth did not influence NH4+ regeneration rates 
(F1,28 = 0.447; p = 0.509). Light NH4+ regeneration was positively correlated with AOB 
abundance (⍴ = 0.829; p = 0.042) and both NO2- (⍴ = 0.886; p = 0.019) and NO3- (⍴ = 
0.886; p = 0.019) concentrations. Dark NH4+ regeneration was negatively related to 
cryptophyte biomass (⍴ = -0.900; p = 0.037) and urea concentrations (⍴ = -0.891, p = 
0.026; Fig. 4.4).  
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Figure 4.5. Actual NH4+ regeneration rates (mean ± SE, µmol L-1 h-1) in surface (S) and 
deep (D) samples and (a) light (L) and (b) dark (D) treatments. Stations are grouped from 
west to east by basin (western = W, central = C, eastern = E). n = 3 for each station/depth. 
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Figure 4.6. Actual NH4+ regeneration rates (µmol L-1 h-1) in (a) light (L) and (b) dark (D) 
treatments within each basin. Means (± SE) are indicated on each boxplot in red. Letters 
and numbers reflect differences in NH4+ regeneration rates between basins (Tukey’s HSD 
post-hoc tests) within each cruise (lowercase letters for October 2015, uppercase letters 
for August 2017, and numbers for October 2017), where applicable. n in each basin for 
each rate is as follows: October 2015: western = 17, central = 10, eastern = 6; August 
2017: western = 24, central = 12, eastern = 6; October 2017: western = 18, central = 6, 




































































Figure 4.7. Spearman's rank correlations for relationships between rates and 
environmental variables in August and October 2017. Abbreviations are described in 




In August 2017, potential NH4+ uptake rates ranged from undetectable to 0.858 
µmol L-1 h1 (mean ± SE = 0.102 ± 0.019; n = 83). Potential NH4+ uptake was 
undetectable in triplicate samples at station 970 in dark incubations (Fig. 4.2). Light NH4+ 
uptake was greater than dark NH4+ uptake (F1,82 = 5.85; p = 0.018), and although highest 
rates were measured at station 215, there were no differences in either light (F2,39 = 1.69; 
p = 0.198) or dark (F2,39 = 2.41; p = 0.103) NH4+ uptake rates between basins (Fig. 4.3). 
In October 2017, potential NH4+ uptake rates ranged from undetectable to 0.565 µmol L-1 
h-1 (mean ± SE = 0.124 ± 0.015; n = 59), and there were no differences in light (F2,27 = 
3.01; p = 0.066) and dark (F2,27 = 1.41; p = 0.261) NH4+ uptake between basins (Fig. 4.3), 
or between light and dark treatments (F1,58 = 2.27; p = 0.137).  
 NH4+ regeneration ranged from undetectable to 0.301 µmol L-1 h-1 (mean ± SE = 
0.057 ± 0.001; n = 83) in August 2017. As with NH4+ uptake, the largest NH4+ 
regeneration rates were measured at station 215 (Fig. 4.5), but there were no differences 
in NH4+ regeneration across basins (Fig. 4.6). Dark NH4+ regeneration was not different 
than light NH4+ regeneration (F1,82 = 1.16; p = 0.284). NH4+ regeneration was detectable 
in all but one triplicate sample at one station (880) in October 2017 and ranged from 
0.014 to 0.206 µmol L-1 h-1 (mean ± SE = 0.074 ± 0.006; n = 59; Figs. 4.5, 4.6). There 
were no differences in light (F2,27 = 2.37; p = 0.113) or dark (F2,27 = 0.771; p = 0.472) 
NH4+ regeneration rates between basins (Fig. 4.6), treatments (F1,58 = 0.855; p = 0.359) , 
or depths (F1,28 = 0.360; p = 0.553). The percentage of water column potential NH4+ 
uptake potentially supported by NH4+ regeneration in 2017 varied by station, with 
stations in WLE unable to meet 100% of NH4+ demand, but central basin stations 
exceeded 100% in both August and October (Table 4.5).  
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Table 4.5. Percentage of NH4+ uptake that can be met by NH4+ regeneration in August 
and October 2017 (mean ± SE).  
Station Regeneration CBAD 
August   
215 49.5±12.1 50.4±12.1 
972 90.3±42.0 39.8±22.9 
970 119±71.1 151±188 
966 109±41.5 21.5±15.2 
880 147±102 33.5±19.7 
1057 141±55.8 15.0±12.8 
452 71.5±31.4 67.6±24.2 
October   
880 128±59.5 14.7±12.9 




Light NH4+ uptake in 2017 was positively correlated with several biological 
parameters (chlorophyll a: ⍴	=	0.547, p = 0.043; total algae biomass: ⍴	=	 0.635, p = 
0.015; and cryptophyta: ⍴	=	 0.618, p = 0.018), dark NH4+ update (⍴ = 0.552, p = 0.041), 
and both light (⍴ = 0.626, p = 0.017) and dark (⍴ = 0.582, p = 0.029) NH4+ regeneration 
(Fig. 4.7). Dark NH4+ uptake was positively correlated with dark NH4+ regeneration (⍴ = 
0.525, p = 0.048) and both AOB (⍴ = 0.512, p = 0.047) and AOA (⍴ = 0.684, p = 0.007) 
gene abundances, while negatively related to diatoms (⍴ = 0.620, p = 0.018; Fig. 4.7). 
Light NH4+ regeneration was positively correlated with the same biological parameters as 
light NH4+ uptake, plus chlorophyll a (⍴ = 0.710, p = 0.004) and light NH4+ uptake         
(⍴ = 0.626, p = 0.017), and negatively correlated with NO3- concentration (⍴ = -0.468,     
p = 0.042; Fig. 4.7). Dark NH4+ regeneration was positively correlated with cryptophyta 
(⍴ = 0.565, p = 0.035), phycocyanin (⍴ = 0.653, p = 0.011), turbidity (⍴ = 0.538, p = 
0.047), and light NH4+ uptake (⍴ = 0.582, p = 0.029), while negatively correlated with 
NO3- (⍴ = -0.502, p = 0.021) and total NOx (⍴ = -0.476, p = 0.036) concentrations (Fig. 
4.7).  
 Across all three sampling events, CBAD measurements exhibited the same 
general patterns as potential NH4+ uptake in both the light and the dark (Fig. 4.8). 
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Figure 4.8. Community biological ammonium demand (CBAD; µmol L-1 h-1) in surface 
(S) and deep (D) samples and (a) light (L) and (b) dark (D) treatments.  Stations are 
grouped from west to east by basin (western = W, central = C, eastern = E). n = 3 for 
each station/depth 
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Figure 4.9. Nitrification rates (mean ± SE, nmol L-1 d-1) from (a) tracer addition 
incubations and (b) pool dilution experiments in surface (S) and deep (D) samples. 
Stations are grouped from west to east by basin (western = W, central = C, eastern = E). n 
= 3 for each station/depth. 
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Across the whole-lake, nitrification rates from tracer addition experiments in 
October 2015 ranged from undetectable to 175 nmol L-1 d-1 (mean ± SE = 27.7 ± 5.73; n 
= 47). Rates were greatest at the westernmost station (215) in surface water incubations 
and lowest at the eastern basin station (452; Fig. 4.9a) but were not different across 
basins (F2,45 = 0.510; p = 0.604; Fig. 4.10a). There was no effect of depth on nitrification, 
but rates tended to be greater in deep samples at stations 387, 885, and 880 (Fig. 4.9a). 
Nitrification rates were positively correlated with turbidity (⍴ = 0.627, p = 0.029), 
cyanobacteria (⍴ = 0.657, p = 0.020), and total algae (⍴ = 0.622, p = 0.031), while 
negatively correlated with AOB abundance (⍴ = -0.643, p = 0.024) and transmittance     




Figure 4.10. Nitrification rates (mean ± SE, nmol L-1 d-1) from (a) tracer addition 
incubations and (b) pool dilution experiments in each basin. Means (± SE) are indicated 
on each boxplot in red. Letters and numbers reflect differences in nitrification rates 
between basins (Tukey’s HSD post-hoc tests) within each cruise (lowercase letters for 
October 2015, uppercase letters for August 2017, and numbers for October 2017), where 
applicable. n in each basin for each rate is as follows: October 2015: western = 30, central 
= 12, eastern = 6; August 2017: western = 16, central = 8, eastern = 4; October 2017: 


































































 In August 2017, nitrification rates from the 15NH4+ tracer additions ranged from 
undetectable to 878 nmol L-1 d-1 (mean ± SE = 135 ± 30.9; n = 41). Unlike October 2015, 
these maximum rates were not found at the station nearest the Maumee River input, but 
instead at station 972, nearest the Detroit River inflow (Fig. 4.9a); however, there was no 
difference in rates across basins (F2,25 = 0.416; p = 0.664; Fig. 4.10). Depth was not 
related to nitrification rates (F1,26 = 3.29; p = 0.081), but at the deepest station (452; ~52 
m), nitrification in bottom water samples was much greater than in surface water (Fig. 
4.9a). In October 2017, nitrification rates ranged from undetectable to 815 nmol L-1 d-1 
(mean ± SE = 208 ± 45.2; n = 29). The greatest rates were measured at station 452 in 
surface water, while lowest rates were observed at station 880 in bottom water (Fig. 
4.9a). Depth was not related to nitrification rates during this cruise (F1,19 = 0.025; p = 
0.877; Fig. 4.9a), but rates did differ by station (F2,27 = 9.63; p < 0.001), with the greatest 
rates measured at station 452 (Fig. 4.10a) . In 2017, tracer addition nitrification rates were 
positively correlated with AOB:AOA gene copies (⍴ = 0.486, p = 0.035) and negatively 
correlated with temperature (⍴ = - 0.477, p = 0.005) and pH (⍴ = -0.685, p = 0.013; Fig. 
4.7).  
 Pool dilution nitrification rates in 2017 ranged from undetectable to 1790 nmol   
L-1 d-1 (mean ± SE = 220 ± 64.3; n = 51; Fig. 4.9b). Although not different across basins 
(F2,39 = 2.08; p = 0.138; Fig. 4.10b), greatest rates were measured at station 452 in bottom 
water (Fig. 4.9b). In August 2017, detectable rates in the far western basin were 33.2 – 
50.4% of those in the central (880) and eastern basins (452), although station 1057 
(central basin) was similar to the western basin sampling locations, where rates were 
measurable in surface waters (Fig. 4.9b).  In October 2017, nitrification was only 
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detectable in bottom waters at station 452 (Fig. 4.9b). There was no effect of depth on 
nitrification rates in either month (August: F1,40 = 1.93, p = 0.172; October: F1,10 = 1.18, p 
= 0.302). Pool dilution nitrification rates in 2017 were positively correlated with light 
NH4+ uptake rates and transmittance (Fig. 4.7).  
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4.3.4 Ammonia-Oxidizer Abundance 
  
 
Figure 4.11.  (a) AOB and (b) AOA (log10 scale) gene copies ml-1 in surface (S) and deep 
(D) water samples. Stations are grouped from west to east by basin (western = W, central 
= C, eastern = E). n = 3 for each station/depth. 
 
W C E W C E
S D




















W C E W C E
S D





















 AOB and AOA amoA genes were detected at all stations and time points. In 
October 2015, AOB amoA gene copies ranged from 3.68 x 106 to 5.90 x 108 copies ml-1 
(mean ± SE = 4.99 x 107 ± 1.09 x 108; n = 47), with the least and greatest abundances at 
the westernmost and easternmost stations, respectively (Fig. 4.11a). AOB gene copies in 
the eastern basin were greater (t2,45 = 54.5; p < 0.001) than those in the western and 
central basins (Fig. 4.12a). During the same cruise, AOA abundances were between 1.10 
x 106 and 2.53 x 107 (7.40 x 106 ± 1.07 x 106; n = 47), with lowest values measured in the 
eastern basin (452) and greatest at 387 in the western basin (Fig. 4.11b). AOA gene 
copies were also influenced by basin (t2,45 = 3.73; p = 0.032), with those in the eastern 
basin outnumbering those in the western basin, but there were no differences in AOA 
abundances between the central and eastern basins (Fig. 4.12b). Across the whole lake, 
AOB in October 2015 outnumbered AOA (Mann Whitney U-test, p = 0.007). AOB 
copies were negatively correlated with nitrification rates (⍴ = -0.643, p = 0.024), oxygen 
concentration (⍴ = -0.574, p = 0.050) and percent saturation (⍴ = -0.574, p = 0.050), 
turbidity (⍴ = -0.616, p = 0.033), cyanobacteria (⍴ = -0.734, p = 0.007) and total algae 
biomass (⍴ = -0.601, p = 0.038), and NH4+ (⍴ = -0.727, p = 0.007) and urea (⍴ = -0.673,  
p = 0.016) concentrations (Fig. 4.4). AOB gene copies were positively related to light 
NH4+ regeneration (⍴ = 0.829, p = 0.042) and transmittance (⍴ = 0.628, p = 0.028). AOA 
were positively correlated with turbidity (⍴ = 0.771, p = 0.003), chlorophyll a (⍴ = 0.694, 
p = 0.012), phycocyanin (⍴ = 0.715, p = 0.009), cyanobacteria (⍴ = 0.748, p = 0.005), 
diatoms (⍴ = 0.776, p = 0.003), total algae (⍴ = 0.734, p = 0.007), and ortho-phosphate 
(ortho-P) concentrations (⍴ = 0.743, p = 0.006) but negatively related to transmittance (⍴ 
= -0.775, p = 0.003; Fig. 4.4).  
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Figure 4.12. (a) AOB and (b) AOA (log10 scale) gene copies ml-1 in each basin. Means (± 
SE) are indicated on each boxplot in red. Letters and numbers reflect differences in AOO 
gene copies between basins (Tukey’s HSD post-hoc tests) within each cruise (lowercase 
letters for October 2015, uppercase letters for August 2017, and numbers for October 
2017), where applicable. n in each basin for each amoA group is as follows: October 
2015: western = 30, central = 12, eastern = 6; August 2017: western = 24, central = 12, 























































In August 2017, AOB amoA gene copies ml-1 ranged from 1.09 x 106 – 2.37 x 109 
(mean ± SE = 1.68 x 108 ± 5.70 x 108; n = 41), while AOA abundances were between 
7.69 x 104 and 1.49 x 107 (mean ± SE = 8.94 x 107 ± 2.17 x 108; n = 41). AOB gene 
copies were different by basin (t2,39 = 15.9; p < 0.001) and were most abundant in the 
eastern basin, but there were no differences in AOB gene copies between the central and 
western basins (Fig. 4.12a). Although bottom water samples had more AOB gene copies 
ml-1 than surface water at stations 215, 970, 880, and 452 (Fig. 4.11a), depth had no 
robust effect during this sampling event (t1,40 = 3.53; p = 0.064). AOA abundances 
exhibited an opposite trend than AOB, with greatest abundance at the westernmost 
station and the least in deep samples from station 452 (Fig. 4.11b); however, this trend 
was not robust between basins (t2,39 = 1.46; p = 0.071; Fig. 4.12b). As with AOB, no 
robust effect of depth on AOA gene copies was observed (t1,28 = 3.41; p = 0.076). AOB 
were negatively correlated with temperature (⍴ = -0.552, p = 0.021) and ortho-P 
concentration (⍴ = 0.0578, p = 0.007), but neither AOB nor AOA communities were 
correlated with any other variable in August (Fig. 4.7).  
 AOB abundance in October 2017 ranged from 3.42 x 107 – 7.89 x 108 gene copies 
ml-1 (mean ± SE = 8.94 x 107 ± 4.03 x 107; n = 29), and AOA ranged from 7.66 x 104 – 
8.35 x 105 copies ml-1 (mean ± SE = 7.44 x 105 ± 1.26 x 105; n = 29). AOB were most 
abundant, and AOA least abundant, in bottom water samples from station 452 (Fig. 4.11). 
AOB abundances were greater in the eastern basin than in the central or western basins 
(t2,27 = 13.7; p < 0.001; Fig. 4.12a); there was a basin effect on AOA abundance (t2,27 = 
4.10; p = 0.028), with AOB gene copies in the central basin less than those in the western 
basin, but no difference between any other basin pairing (Fig. 4.12b). There was no 
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robust difference by depth for AOB (t1,28 = 3.41; p = 0.076), but an effect was observed 
for AOA (t1,28 = 17.1; p < 0.001), where fewer gene copies were found in deep samples. 
AOB in 2017 were positively correlated with dark NH4+ uptake (⍴ = 0.512, p = 0.047) 
and ortho-P concentration (⍴ = 0.0583, p = 0.004), but negatively correlated with 
temperature (⍴ = -0.546, p = 0.034). AOA abundances were not correlated with any 
measured rate or environmental variable (Fig. 4.7)  
To compare differences in the relative abundances of AOB and AOA, ratios of 
AOB to AOA gene abundances were examined. In October 2015, AOB:AOA ranged 
from 0.22 to 540, increasing eastward across the spatial gradient (Fig. 4.13). There was a 
strong effect of basin (F2,45 = 27.6, p < 0.001), where AOB:AOA in the eastern basin was 
greater than in the western or central basins (Fig. 4.14). AOB:AOA was positively 
correlated with AOB abundances (⍴ = 0.902, p < 0.001), transmittance (⍴ = 0.954,           
p < 0.001) , and cryptophyta (⍴ =  0.718, p = 0.008), but negatively related to AOA (⍴ =  
-0.811, p = 0.001), turbidity (⍴ = -0.942, p < 0.001), and several nutrient concentrations 
(NH4+: ⍴ = -0.790, p = 0.002; ortho-P: ⍴ = -0.928, p < 0.001; and urea: ⍴ = -0.613,           




Figure 4.13. AOB:AOA gene copy ratios (log10 scale) in surface (S) and deep (D) 
samples. Note y-axis is log10 scale. Stations are grouped from west to east by basin 
(western = W, central = C, eastern = E). n = 3 for each station/depth. 
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Figure 4.14. AOB:AOA ratios (log10 scale) in each basin. Means (± SE) are indicated on 
each boxplot in red. Letters and numbers reflect differences in ratios between basins 
(Tukey’s HSD post-hoc tests) within each cruise (lowercase letters for October 2015, 
uppercase letters for August 2017, and numbers for October 2017), where applicable. n in 
each basin for each amoA group is as follows: October 2015: western = 30, central = 12, 
eastern = 6; August 2017: western = 24, central = 12, eastern = 6; October 2017: western 
























 During 2017 cruises, AOB:AOA ratios were always above one and covered 
several orders of magnitude. In August 2017, AOB:AOA ratios were 1.49 – 24,400, with 
the largest ratios found in bottom waters at station 452 (Fig. 4.13). AOB:AOA ratios in 
2017 differed by basin (F2,39 = 16.7, p < 0.001) and were greater in the eastern basin than 
the western or central basins (Fig. 4.14). In October 2017, AOB:AOA ranged from 61.9 
to 8,830. As in August, highest AOB:AOA were observed in bottom water at station 452 
(Fig. 4.13) and were greater than in either the central or western basins (F2,27 = 9.63; p < 
0.001; Fig. 4.14). AOB:AOA ratios in 2017 were positively correlated with 15NH4+ tracer 
addition nitrification rates (⍴ =  0.493, p = 0.032) and AOB gene copies (⍴ = 0.890, p < 
0.001) and negatively related to temperature (⍴ = -0.524, p = 0.006) and pH (⍴ = -0.566, 
p = 0.018) (Fig. 4.7).  
 
4.4 DISCUSSION 
 During three cruises in 2015 and 2017, NH4+ regeneration, potential uptake, and 
nitrification rates, and abundances of genes associated with nitrification, were measured 
to identify patterns in water column NH4+ cycling across Lake Erie. Several spatial trends 
were observed, with potential NH4+ uptake greatest in the western basin and highest 
nitrification rates at stations farthest from the Maumee River discharge. Within the 
nitrifier community, AOB frequently outnumbered AOA, and AOB were consistently 
greater than AOA in the eastern basin, at times by orders of magnitude. These results are 
the first known to quantify these N cycling pathways across all three basins of Lake Erie 
and provide new insight into the spatial dynamics surrounding NH4+ cycling and trophic 
status.  
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4.4.1 NH4+ Potential Uptake and Regeneration 
 Potential NH4+ uptake in both light and dark incubations across the whole-lake 
gradient were greatest in the western basin near a prominent nutrient source (Maumee 
River) and when algae biomass was highest (August). However, differences in NH4+ 
uptake across basins were only observed in October 2015 in light treatments. Light NH4+ 
uptake was consistently greater than dark NH4+ uptake, except during the October 2017 
cruise, when stations sampled were in the central and eastern basins, and dark NH4+ 
uptake was not different from light NH4+ uptake. This light-dark pattern was expected 
and explainable by photoautotrophic demand, which is often greater than heterotrophic-
only demand when light and substrate are abundant or during cyanoHABs (McCarthy et 
al. 2013; Hampel et al. 2018). The strong correlation between both light and dark NH4+ 
uptake and diatom abundance in October 2015 was not observed in 2017, when a 
negative relationship between dark NH4+ uptake and diatoms was observed. A strong 
positive correlation between light NH4+ uptake and cryptophytes and total algae was also 
observed in 2017. These changing relationships reflect differences in phytoplankton 
community dominance during each cruise.  
 Mean potential NH4+ uptake rates in this study (up to 0.293 µmol L-1 h-1 in 
October 2015) are within the range of those reported in other eutrophic systems. Greater 
mean NH4+ uptake rates have been reported in lakes Taihu and Maracaibo (0.886 and 
3.35 µmol L-1 h-1, respectively; Hampel et al. 2018 and Gardner et al. 1998, respectively), 
while in Missisquoi Bay (Lake Champlain; McCarthy et al. 2013) and Lake Okeechobee 
(James et al. 2011), mean NH4+ uptake values of 0.258 and 0.577 µmol L-1 h-1 are more 
similar to observations from this study. Other than high rates measured at the 
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westernmost station (215), light and dark NH4+ uptake rates remained below 0.285 µmol 
L-1 h-1. Even considering the shift in trophic status across Lake Erie, potential NH4+ 
uptake rates in the offshore eastern basin (mean ± SE = 0.062 ± 0.013 µmol L-1 h-1), 
where extracted chlorophyll a values were 2.2 µg L-1, are still greater than many reported 
for oligotrophic marine environments, such as the coastal Mediterranean Sea (up to 0.001 
µmol L-1 h-1; Selmer et al. 1993) and the Atlantic Ocean (0.028–0.098 µmol L-1 h-1; 
Glibert et al. 1988).  
Dark and light NH4+ regeneration rates were not different from each other except 
in October 2015, when light exceeded dark NH4+ regeneration. As with dark NH4+ 
uptake, no differences were observed in measured NH4+ regeneration rates between 
basins. Similar to light NH4+ uptake, NH4+ regeneration was highest at station 215, and 
NH4+ regeneration rates could support potential NH4+ uptake at all other stations. As with 
uptake, NH4+ regeneration rates in this study are within the range of those found in other 
eutrophic lakes and much greater than those from marine systems (e.g., Selmer et al. 
1993). The spatial patterns in NH4+ regeneration and potential uptake with distance from 
nutrient inputs reported here agrees with patterns observed in WLE (Chapter 2), where 
high phytoplankton biomass and NH4+ uptake during peak cyanoHABs lead to greater 
discrepancies between NH4+ uptake and regeneration rates (Chapter 2). Similar findings 
have been reported in Missisquoi Bay (McCarthy et al. 2013), but this result contrasts 
with hypereutrophic Lake Taihu. However, Taihu has detectable NH4+ in the water 
column, even during peak cyanoHABs, and regeneration can supply enough NH4+ to 
support potential uptake (Hampel et al. 2018).  
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4.4.2 Nitrification and Ammonia-Oxidizer Abundance 
 Nitrification rates, whether via 15NH4+ tracer addition or dilution of the reaction 
product, were consistently lowest in WLE, particularly along the southern shore. 
However, the only whole-basin differences occurred in October 2017, and only for 
15NH4+ tracer addition experiments, where rates in the central and eastern basins were 
much greater than in WLE. Across all cruises, there were no cyanoHABs in the central or 
eastern basins. In 2015, nitrification rates measured by 15NH4+ tracer addition were 
positively correlated with CBAD in light treatments, indicating that some portion of 
community NH4+ demand during that cruise was attributable to nitrifiers.  
During 2017 cruises, both 15NH4+ tracer addition and pool dilution methods were 
used to quantify nitrification. Although spatial patterns were similar, rates from both 
methods were not directly comparable, with pool dilution nitrification exhibiting much 
more variation within each station/depth. The authors of the pool dilution method 
reported that their approach was more variable in 14NOx production than 15NH4+ tracer 
addition, but both methods had high confidence (r2 > 0.95; Carini et al. 2010). With the 
analytical equipment available for this study, pool dilution calculations required 
conversion of the NOx pool to NH4+ prior to analysis. Therefore, a potential source of 
bias in pool dilution incubations is NH4+ regeneration occurring in incubation bottles, 
which could stimulate nitrifiers and result in overestimation of rates (Carini et al. 2010).  
NH4+ regeneration results indicated that, even at low to moderate rates (e.g., 0.301 µmol 
L-1 h-1), NH4+ regeneration in bottles could supply enough NH4+ to support the 
nitrification rates measured using pool dilution. However, as a result of high variation 
 225 
between replicates, pool dilution rates were not different (Mann-Whitney U-test, p = 
0.822) from those determined via tracer addition methods.  
AOO community abundances exhibited some unexpected spatial trends; although 
AOB outnumbering AOA in WLE was expected, it was predicted that AOA would 
dominate in the eastern basin, since AOA are often associated with oligotrophic 
environments (Beman et al. 2008; Newell et al. 2011; Pester et al. 2012; Hatzenpichler 
2012). However, AOA gene abundances were lower in the eastern basin, while AOB 
gene copies were higher. The negative correlation (⍴ = -0.638, p = 0.024) between AOB 
abundance and 15NH4+ tracer addition nitrification rates in August 2015 was surprising, 
but during the same cruise, light NH4+ regeneration and AOB gene copies were positively 
related, indicating that regeneration may have supplied NH4+ for water column nitrifiers. 
The lack of correlation (or negative relationship) between nitrifiers and nitrification rates 
may be due to small sample size, the use of DNA and not RNA (i.e., genetic potential 
versus actual activity), or some combination of those factors.  
Nitrification rates in this study (mean 27.7 – 208 nmol L-1 d-1) are within ranges 
reported in the water columns of other eutrophic lakes, although rate maxima (up to 878 
nmol L-1 d-1) are much lower than those from Lake Taihu (3,750 nmol L-1 d-1; Hampel et 
al. 2018), Lake Okeechobee (1,280 nmol L-1 d-1; Hampel et al. 2020), Lake Mendota 
(1,700 – 5,000 nmol L-1 d-1; Hall 1986), and the Pearl River Estuary (> 5000 nmol L-1 d-1; 
Dai et al. 2008). Nitrification rates in Lake Erie also were similar to those in San 
Francisco Bay (6.6 – 310 nmol L-1 d-1; Damashek et al. 2016), the eutrophic Chesapeake 
Bay estuary (14.3 – 109 nmol L-1 d-1; Laperriere et al. 2019), Narragansett Bay (0 – 99 
nmol L-1 d-1; Heiss and Fulweiler 2016), peak values from the open ocean (283 & 348 
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nmol L-1 d-1; Ward et al. 1989 and Beman et al. 2012, respectively), and Mono Lake (60 
– 335 nmol L-1 d-1; Carini and Joye 2008). However, nitrification rates in Lake Erie, 
particularly those from the eastern basin, are much greater than those in oligotrophic 
Lake Superior (0 – 51 nmol L-1 d-1; Small et al. 2013).  
AOO abundances in Lake Erie were measured previously in the central basin at 
station 880, where AOB outnumbered AOA, but AOO were only detectable at depth and 
not in surface waters (Mukherjee et al. 2016). These results contrast with the finding of 
abundant AOO (mean 105 – 107 gene copies ml-1) in both surface and deep waters at 880 
during all three cruises. Different methods were used to enumerate AOO community 
members (qPCR in the present study versus CARD-FISH in Mukherjee et al. 2016), and 
previous results (Mukherjee et al. 2016) were based on a single sampling event in July 
2011. While the July 2011 sampling occurred during the timeframe when cyanoHABs 
have been reported in the central basin (Chaffin et al. 2019), chlorophyll a was low 
(0.573 µg l-1; Mukherjee et al. 2016). Accordingly, methodological differences in 
enumeration may explain the differences between studies, but cyanoHAB inhibition of 
the nitrifying community (e.g., Chapter 3; Hampel et al. 2018) cannot be entirely ignored.  
In Chapter 3, WLE AOB abundances ranged from 6.61 x 104 – 1.06 x 108 and 
AOA from 1.17 x 104 – 5.36 x 107 gene copies ml-1. Studies from other locations, such as 
the Gulf of Mexico (Tolar et al. 2013), Puget Sound (Urakawa et al. 2014), Lake Taihu 
(Hampel et al. 2018), and Lake Okeechobee (Hampel et al. 2020), have reported AOO 
abundances in similar ranges. However, in Taihu, Okeechobee, and Puget Sound, AOA 
outnumbered AOB, often by an order of magnitude or more. This observation contrasts 
with Lake Erie, where AOB were more abundant than AOA in most cases; however, the 
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still-high abundances of AOA amoA throughout the lake supports other studies (e.g., 
Hampel et al. 2020) in suggesting that AOA may play a larger role in eutrophic lakes 
than previously thought. In the eastern basin, mean AOB abundance exceeded AOA by 
one to two orders of magnitude. Additionally, the greatest abundances of AOB during 
these cruises (means = 5.90 x 108 – 2.37 x 109 gene copies ml-1) are some of the highest 
water column AOO abundances compared to known literature. These extreme 
abundances were found at station 452, and often in the deep (52 m) waters, where higher 
nitrification rates were observed. In oligotrophic Lake Taupo (New Zealand), planktonic 
bacterial nitrifiers were much less active in the hypolimnion than benthic nitrifiers, and 
the authors speculated that deep water nitrification was the result of benthic activity 
instead of the hypolimnion (Vincent and Downes 1981). High AOB abundances in the 
eastern basin may thus be the result of sediment disruption or influence during sampling. 
Studies in WLE (Bollmann et al. 2014) and Lake Taihu (Hou et al. 2013) reported high 
AOB abundances (exceeding 107 copies g-1) in sediments, which are likely to be more 
concentrated than the water column. AOA numbering up to 109 gene copies g-1 sediment 
were reported for WLE, which supports the potential for large concentrations of AOO 
organisms in similar environments (Bollmann et al. 2014). However, as discussed in 
Chapter 3, some AOB may have more than one copy of amoA, indicating that these high 
abundances are relative and not absolute, even between AOB and AOA, and may require 
further correction.  
As described in Chapter 3, using qPCR to quantify actual environmental gene 
abundance can be problematic. Thus, qPCR may be better suited to reporting relative 
rather than actual gene abundances from natural environments (Smith et al. 2006). 
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Although quality control checks were employed (e.g., comparing Ct values of standard 
curve concentrations, verifying no signal from negative controls, minimum R2 threshold 
of 0.99) to ensure comparability between assays, the high (109 amoA copies  ml-1) AOB 
abundances measured in the eastern basin are curious. While calculations for gene copies 
ml-1 take the mass (ng) of template DNA into account, some studies have suggested or 
used an additional step of correcting gene counts to a uniform template DNA 
concentration (e.g., Smith et al. 2006; Newell et al. 2016; Taylor et al. 2019). Lacking 
additional data, such as total cell counts, a correction such as this may be needed to 
interpret these extreme values in context.  
 
4.4.3 Nitrification vs. NH4+ Uptake 
 Nitrification rates, when detectable, were between 0.098 and 60.7 (mean ± SE 
16.7 ± 4.62%; n = 17) of potential community NH4+ uptake, indicating that nitrifiers were 
not as competitive as other microbes for available NH4+, which is surprising given the 
high gene abundances observed relative to other systems. Nitrification comprised a 
greater proportion (32.2–37.4%) of NH4+ uptake nearer the Detroit River discharge 
(stations 970 and 972) and in the central and eastern basins, though the latter observation 
is constrained by sampling time (October) and/or restricted to dark NH4+ uptake 
incubations (station 1057 in August 2017; Table 4.6). Pool dilution nitrification rates 
were positively correlated with light NH4+ uptake rates, suggesting that nitrifiers were 
responsible for a notable proportion of potential NH4+ uptake in 2017 (particularly in 
October). In NH4+-depleted conditions, some nitrifiers can also use NOx as substrate for 
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nitrifier denitrification (Laanbroek et al. 2002; Geets et al. 2006), which may help explain 




Table 4.6. Percentage of potential NH4+ uptake attributable to 15NH4+ tracer addition 








August 215 0.098 ± 0.042 0.162 ± 0.023 
 970 32.2 ± 28.7 3.39 ± 3.42 
 972 37.4 ± 7.69 28.0 ± 0.898 
 966 5.41 ± 5.36 10.8 ± 11.1 
 880 2.20 ± 1.04 9.28 ± 3.44 
 1057 6.26 ± 1.39 20.3 ± 5.51 
 452 8.67 ± 8.55 8.81 ± 8.53 
October 880 23.3 ± 9.68 21.6 ± 2.54 




Results from these cruises and incubations support patterns described in Chapters 
2 and 3, while adding new insights into broader NH4+ cycling dynamics and the Lake 
Erie AOO community outside of WLE. Highest NH4+ regeneration and potential uptake 
rates were observed at the station nearest the Maumee River discharge, but these rates did 
not differ across the three basins. Conversely, nitrification rates were lowest where NH4+ 
uptake rates were highest, and some of the greatest nitrification rates were measured in 
the central and eastern basins. Even outside of WLE, nitrification was not responsible for 
most of the community NH4+ uptake, which was true even in the central and eastern 
basins, where cyanoHABs were absent during each cruise event. These findings support 
previous work demonstrating suppression of nitrification via competition for NH4+ during 
cyanoHABs and suggest that non-cyanoHAB biomass (e.g., other phytoplankton, such as 
diatoms and cryptophytes) in the central and eastern basins may also outcompete 
nitrifiers for available NH4+. The reverse patterns of AOB and AOA abundance moving 
eastward across the lake is surprising, as are the very high gene copy numbers of amoA 
detected in the eastern basin. The lack of relationship between nitrification rates and 
AOO communities supports previous findings that amoA DNA presence alone is not a 
good indicator of nitrification activity. When considered alongside the amoA distributions 
observed in Lake Erie, other molecular techniques (e.g., gene sequencing, RNA) may be 
needed to resolve uncertainties and effectively combine genetic work with 
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CHAPTER 5: RELATIVE CONTRIBUTIONS OF DNRA AND 
DENITRIFICATION TO NITRATE REDUCTION IN THALASSIA 




Seagrass beds are vulnerable to eutrophication (nutrient loading) and declining 
worldwide. To quantify the fate of nitrogen (N) inputs, intact sediment cores were 
incubated in a continuous-flow system with 15N enrichments to compare N consumption 
and efflux pathways within and near seagrass (Thalassia testudinum) beds in St. Joseph 
Bay, Florida. Sediment oxygen demand and total ammonium (NH4+) efflux were greater 
(p < 0.001) in vegetated versus unvegetated sediments, suggesting that seagrasses 
enhance organic matter remineralization. Denitrification rates were 2–20x greater than 
estimates of potential dissimilatory nitrate reduction to ammonium (DNRA). The effect 
of vegetation on denitrification rates was inconsistent. Direct denitrification of overlying 
water nitrate and N fixation rates were low, suggesting tight coupling between 
remineralization, nitrification, and denitrification. DNRA rates were lower than 
denitrification and consistently greater in vegetated sediments. DNRA rates 
measurements are conservative if sediment cation exchange decreases the fraction of 
15NH4+ reaching overlying water, especially in vegetated sediments, where rates of 
nitrate-induced ammonium fluxes were observed. Coupled nitrification-denitrification
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 was the major N loss pathway in this system, as evidenced by the lack of 15N-labelled N2 
production in isotope-enriched cores. Using measured sediment oxygen demand and 
NH4+ fluxes as an indicator of organic matter quality and quantity, these results are 
consistent with previous work showing that labile organic matter helps regulate the 
balance between N removal and internal recycling pathways in seagrass systems, which 




Seagrasses are an important component of coastal marine ecosystems that provide 
a variety of valuable ecological services. Seagrass meadows serve as habitat and nursery 
grounds for many fish and invertebrates, including several that are critical to commercial 
and recreational fisheries (Beck et al. 2001). Seagrasses are a food resource for 
herbivores, provide refuge from predators, and are associated with carbon sequestration 
and nutrient cycling (Hemminga and Duarte 2000), high primary productivity (Duarte 
and Chiscano 1999), and buffering of shorelines from erosion (Orth et al. 2006). 
Seagrasses are vulnerable to global anthropogenic stressors, such as eutrophication, 
which has contributed to seagrass die-offs (Short and Wyllie-Echeverria 1996; Waycott 
et al. 2009). Increased nutrient inputs stimulate algal and epiphyte growth, which cover 
seagrass leaves and reduce access to light, inhibiting photosynthesis (Short and Wyllie-
Echeverria 1996). Eutrophication also increases organic material deposition, leading to 
hypoxic and anoxic conditions in sediments and surrounding waters (Hemminga and 
Duarte 2000). Low oxygen availability in sediments can promote sulfate reduction to 
sulfide, which is toxic to seagrasses (Koch and Erskine 2001) and influences 
biogeochemical nutrient transformations (Eyre and Ferguson 2009; Eyre et al. 2011).   
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 Nitrogen (N) is of primary concern in eutrophication of aquatic systems due to 
increased N loading from anthropogenic sources, such as fertilizer runoff, wastewater 
inputs, and atmospheric deposition (Burgin and Hamilton 2007; Galloway et al. 2008). 
Bioavailable N forms include dinitrogen gas (N2; available only to diazotrophs), nitrate 
(NO3-), nitrite (NO2-), ammonium (NH4+), and some dissolved organic N, such as urea 
and amino acids. These bioavailable N forms are involved in microbial transformations 
that influence the net N balance and productivity of aquatic systems (Kuypers et al. 
2018). During N fixation, dissolved N2 is converted to NH4+ and incorporated into 
biomass, which is often mineralized back to NH4+ during decomposition (Capone and 
Carpenter 1982). NH4+ may then be assimilated directly by primary producers or 
converted to NO2- and then NO3- via nitrification (Ward 2008). Dissimilatory NO3- 
reduction to NH4+ (DNRA) converts NO3- to NO2-, then to NH4+ (Tiedje 1988). 
Anammox (anaerobic NH4+ oxidation) transforms NH4+ and NO2- to N2 gas (Mulder et al. 
1995). In canonical denitrification, NO3- is first converted to NO2-, then to NO and N2O, 
and finally to N2 gas (Canfield et al. 2010).  
Both denitrification and anammox remove available N and provide a valuable 
ecosystem service by mitigating excess N loads (Seitzinger 1988). In contrast, NH4+ 
production during DNRA represents an N recycling mechanism, perhaps perpetuating the 
detrimental effects of eutrophication (Gardner et al. 2006). The major controls 
partitioning these processes are not well understood, but the presence of sulfide is 
important because it inhibits nitrification and the final step of denitrification (N2O à N2) 
and thus may favor DNRA (Burgin and Hamilton 2007). Therefore, interactions between 
N forms, microbial communities within sediments, and sediment composition can 
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determine the amount and forms of N that are removed from, retained by, and 
accumulated within sediments (e.g., An and Gardner 2002).  
Coastal sediment N dynamics, with and without seagrass cover, were previously 
investigated in several locations with a variety of methodologies, including the 
measurement of total nutrient release (with and without stable isotope additions). In some 
studies, denitrification was the dominant NO3- sink (Eyre et al. 2013; McCarthy et al. 
2015), but in others, DNRA rates were comparable to or greater than denitrification (An 
and Gardner 2002; Gardner and McCarthy 2009; Aoki and McGlathery 2017; Salk et al. 
2017; Kessler et al. 2018). Additionally, denitrification rates in vegetated sediments were 
greater than in bare sediments (Garcias-Bonet et al. 2018). Understanding the effects of 
anthropogenic nutrient inputs on seagrasses requires quantification of complex, 
microbially mediated N transformations. The present study combines stable isotope 
techniques with intact, continuous-flow core incubations to directly compare rates of 
consumption and efflux of nutrients within vegetated and unvegetated sediments.  
We tested the responses of vegetated and unvegetated coastal sediments to stable 
isotope additions (15N) in intact sediment cores to quantify denitrification, DNRA, N 
fixation, and nutrient fluxes. The study site, St. Joseph Bay, FL, is offshore from a 
protected area relatively undisturbed by human development. Our experiment was 
designed to mimic a short-term nutrient pulse from a runoff event. Sediment oxygen 
demand is a strong predictor of OM lability and provides evidence of remineralization of 
detritus and regeneration of nutrients (Glud 2008; Seiki et al. 1994). We predicted that 
vegetated sediments have greater rates of sediment oxygen consumption and NH4+ efflux 
than unvegetated sediments due to OM loading from seagrass litter, epiphyte growth, and 
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subsequent remineralization. Sulfide concentrations are often greater in seagrass 
sediments than in bare sediments (Lee and Dunton, 2000); consequently, we 
hypothesized that DNRA would account for a greater proportion of total NO3- reduction 
in vegetated sediments. A decrease in relative importance of denitrification concomitant 
with constant or increasing rates of DNRA within seagrass meadows may enhance N 
retention and recycling and provide a key pathway in nutrient dynamics implicated in 
seagrass declines. 
   
5.2 METHODS 
5.2.1 Study Site 
St. Joseph Bay, Florida (Fig. 5.1), in the northern Gulf of Mexico, is bounded by 
Cape San Blas to the south and west and the mainland to the east. The perimeter is not 
developed heavily and has no major river inputs (Heck et al. 2000). The surface area of 
the bay is 178 km2, and the mean depth is 6.4 m. Freshwater inflow is negligible, and the 
tidal range is 0.5 m (FDEP 2012). Salinity ranges from 23–40 and averages 33 (FDEP 
2008), and total N concentrations range from 14–20 µM throughout the bay (FDEP 
2008). Beds of Thalassia testudinum Banks ex König are common along the shallow 
periphery of the bay (< 2 m), with persistent bare patches interspersed. Intact sediment 
cores, with overlying water, and water samples were collected in T. testudinum beds and 
unvegetated bare areas located on the western edge of the bay (29° 45.831 N, 85° 23.648 
W), adjacent to T.H. Stone Memorial Peninsula State Park. The mean depth of the 
vegetated and unvegetated sites was 0.82 ± 0.10 m. Sediment composition was 98.1% 
sand and 0.1% silt and clay in the vegetated sediments and 98.7% sand and 0% silt and 
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clay in unvegetated sediments (Strope 2018). OM content (percent mass from loss on 
ignition) was 0.5% for unvegetated and 1.6% for vegetated sediments (Strope 2018). 
Sediment porewater sulfide concentrations in St. Joseph Bay are highly variable (1.62–
305 µM; Strope 2018) but within the range of healthy T. testudinum beds in Florida Bay 




Figure 5.1. St. Joseph Bay, FL, USA. Sampling in 2012 and 2014 occurred at the location 










5.2.2 Field Sampling 
 Sampling was conducted in August 2012 and July 2014 in early to mid-morning, 
when surface waters were relatively free of ripples. One site was characterized by at least 
75% seagrass cover, estimated visually, while the other was completely bare of 
vegetation. At each site, we measured ambient temperature, salinity, dissolved oxygen 
(DO), and pH using a YSI 600XLM multiparameter sonde. 12 ml water samples were 
filtered immediately on-site (0.2 µm Nylon filters) into polystyrene snap-cap tubes and 
frozen for analysis of ambient ortho-phosphate (o-PO43-), NH4+, NO2-, and NO3- 
concentrations. Intact sediment cores (~15–20 cm) and overlying water were collected at 
each site using acrylic core tubes (7.6 cm OD) from areas approximately 10 m x 10 m. 
Vegetated cores were collected between ramets to exclude above-ground vegetation and 
prevent photosynthetic activity from generating oxygen (O2) bubbles, which would alter 
dissolved gas concentrations and ratios (e.g., O2:Ar). Six intact cores and overlying water 
were collected in vegetated and unvegetated areas during each sampling event (12 cores 
total). Near-bottom water overlying the sampled sediments was collected in six carboys 
to serve as inflow reservoirs for continuous-flow incubations. In 2014, sediment sub-
cores adjacent to those collected for incubations were collected in 60 ml cut-off syringes 
for DNA extraction and quantification of several N-transformational genes. Subcores 
were stored on ice until frozen at -80 °C.  
 
5.2.3 Continuous-flow Core Incubations 
 Intact sediment cores were incubated in the dark (foil wrapped) in a continuous-
flow system (Lavrentyev et al. 2000; McCarthy et al. 2015) assembled as follows: 18.9-L 
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polycarbonate plastic carboys (inflow reservoirs) of site water were aerated with aquaria 
bubblers (to maintain atmospheric gas saturation) and connected to a peristaltic pump to 
direct water from inflow reservoirs to the overlying water of intact cores at 1.0–1.4 ml 
min-1. Each core was sealed at the top by a Delrin© plunger fitted with single input and 
output tubes (gas-tight PEEK© tubing). During each incubation, duplicate cores of each 
sediment type (vegetated or unvegetated) received one of three treatments (unamended, 
15NH4+ addition, or 15NO3- addition). NH4+ treatments received 15NH4Cl (final 
concentration = 10 µM; Sigma Aldrich, 98 atom %), while NO3- treatments were 
amended with Na15NO3 (final concentration = 50 µM; Sigma Aldrich, 98 atom %). Each 
reservoir was connected to two cores from the same site (vegetated or unvegetated). Two 
reservoirs were spiked with 15NH4Cl, another two with Na15NO3, and the final two 
assigned as unamended controls, giving two replicates of each treatment by vegetation 
combination. Reservoirs were immediately sampled following isotope additions to 
confirm reservoir amendment concentrations. 
 Following isotope amendment, incubations were allowed to re-establish steady-
state overnight (minimum 12 hours). Core inflow reservoirs and outflow tubes were 
sampled once daily for three days. Water from core inflows and outflows was collected, 
filtered immediately (0.2 µm Nylon filters), and frozen until nutrient analysis. Nutrient 
concentrations (total NH4+, NO2-, NO3-, o-PO43-; method detection limits 0.038 µM, 
0.032 µM, 0.026 µM, and 0.0046 µM, respectively) were determined via colorimetric 
analysis (Lachat Quikchem 8500 FIA). Total NH4+ concentrations and atom % 15N of 
NH4+ (for DNRA) were quantified via high-performance liquid chromatography (HPLC; 
Gardner et al. 1995) at The University of Texas Marine Science Institute (UTMSI). 
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Additional outflow samples were collected in ground-glass stoppered, tall vials (15 ml) 
with no headspace and preserved with 50% (w/w) ZnCl2 for dissolved gas analysis (Ar, 
O2, and isotopic N2). These dissolved gas samples were stored and transported submerged 
in a 4-L Nalgene bottle to prevent large temperature changes and bubble formation. 
Dissolved gas concentrations were determined via membrane inlet mass spectrometry 
(MIMS; Kana et al. 1994; 1998) at UTMSI (2012) and Wright State University (WSU; 
2014) with calculations modified for isotope enrichment (An et al 2001; McCarthy et al. 
2015). The precision of the MIMS (coefficient of variation) for N2, O2, and Ar 
concentrations is <0.5% and <0.05% for N2/Ar and O2/Ar ratios, respectively (Kana et al. 
1994). The instrument has similar precision for the three N2 species (atomic masses 28, 
29, and 30; An et al. 2001). The MIMS at UTMSI does not exhibit oxygen effects on N2 
measurements observed by Eyre et al. (2002; McCarthy et al. 2015), and we continuously 
monitored mass 30 in unamended samples at WSU to verify that 30N2 was not produced 
in unamended outflow samples with low O2 concentrations.  
All sediment nutrient and dissolved gas fluxes (µmol m-2 h-1) were calculated as:   
 Equation 1: %&'( = 	 ("#$"%)	(	)	*  
where C0 is the concentration (µM) measured at the outflow, Ci is the concentration at the 
inflow reservoir, f is the flow rate, and a is the surface area of sediment within the core 
(0.0045 m2; McCarthy et al. 2015). A positive flux indicates production and release by 
sediments, and a negative flux indicates solute movement from overlying water to 
sediments (Lavrentyev et al. 2000; McCarthy et al. 2015). Sediment oxygen demand 
(SOD) was determined as net O2 uptake and presented here as a positive value.  
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 Fluxes in unamended cores were used to evaluate net 28N2 and non-enriched (i.e., 
ambient) nutrient fluxes (McCarthy et al. 2015). Rates of possible anammox were 
determined as 29N2 production in 15NH4+ amended cores (Rysgaard et al. 2004). In our 
incubation system, we specifically do not prevent the occurrence of nitrification and thus 
cannot exclude 29N2 resulting from denitrification of 14NO3- present in the system, or 
produced via nitrification, combined with 15NO3- produced via nitrification of added 
15NH4+. Therefore, we refer to “possible” anammox, not to be confused with “potential” 
anammox (McCarthy et al. 2015). 28, 29, & 30N2 fluxes were used to calculate N fixation 
occurring concurrently with denitrification in 15NO3--enriched cores (An et al. 2001). 
15NH4+ production from 15NO3- additions represents potential rates of DNRA (An and 
Gardner, 2002). As an alternate estimate of DNRA to account for possible cation 
exchange mechanisms occurring in sediments (e.g., Gardner et al. 1991), which can mask 
15NH4+ production from 15NO3- additions, we calculated nitrate-induced ammonium flux 
(NIAF) by subtracting total NH4+ flux in unamended cores from total NH4+ flux in 15NO3- 
addition cores (McCarthy et al. 2016). 
 
5.2.4 Molecular Analysis 
 Functional genes for the major N cycling pathways investigated were quantified 
following the protocols of Newell et al. (2016) and Welsh et al. (2014). DNA was 
extracted using the MoBio PowerSoil Total RNA Isolation kit and the DNA Elution 
Accessory. Functional genes for the following enzymes and processes were quantified: 
nitrite reductase for denitrification (nirS), nitrogenase for N fixation (nifH), nitrite 
reductase by formate for DNRA (nrfA), and ammonia monooxygenase for the first step of 
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nitrification (amoA). Plasmid standards for qPCR were constructed from cleaned and 
cloned PCR amplicons (Newell et al. 2016). PCR amplicons were visualized via 
electrophoresis in a 1% agarose gel (1.5 g agarose, 150 ml DI water, 3 ml 50X TAE 
electrophoresis buffer, 30 µl ethidium bromide). PCR bands corresponding to the 
amplicon length were then excised and cleaned using the Promega Wizard SV Gel and 
PCR Clean-up System. Cleaned product was cloned into E. coli with the Invitrogen pCR© 
4-TOPO© Vector cloning kit. Plasmids from positive bacterial colonies were cleaned 
using the MoBio UltraClean Standard Mini Plasmid Prep kit. PCR and qPCR temperature 
protocols, primer names, and sequences are described in Table 5.1.  
Copies of each functional gene (using 20–40 ng template DNA) were quantified 
from the standard curve threshold cycle (Ct) values when the R2 was at least 0.985, 
efficiency was between 0.90 and 1.10, and negative controls were not detected (no Ct 
value) during the reaction. qPCR primer and product specificity was confirmed via a 
single band on agarose gel electrophoresis and a single peak on a melting curve. Gene 
copy numbers were calculated as: 
Equation 2: )*+*	,-./	+'01*2 = 	 +,	(	-./012/0	+2-304	-./!"+2-304	.)	3*50	6*%45	.)	64%-04	(	+,	,!"	(	,	-./!".)	36 
 
Gene copy number per ng DNA was converted to gene copy number per g sediment by 
using the concentration of the DNA sample (ng), the volume (μl) extracted from each 
sediment sample, and the amount (g) of sediment used for the initial extraction. Gene 




Table 5.1. Primer sequences and thermal profiles for PCR and qPCR analysis of nirS, nifH, nrfA, and amoA. 
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5.2.5 Statistics 
Statistical analyses were performed in R 3.3.2 (R Core Team 2016) with the 
MANOVA.RM (Friedrich et al. 2016) and HMisc (Harrell et al. 2018) packages. 
Repeated measures MANOVA was used to compare differences in mean nutrient fluxes 
between sediment type (vegetated and unvegetated), treatment (unamended, 15NH4+ 
addition, or 15NO3- addition), and day of incubation. Data collected in 2012 and 2014 
were analyzed separately, since our primary focus was on the effect of vegetation, not 
interannual effects. Shapiro-Wilk normality tests revealed that all fluxes but one failed to 
meet normality assumptions, so the Wald-type statistic, coupled with permutation 
resampling to correct for poor performance under low sample sizes (Friedrich et al. 
2017), was used. Based on the MANOVA results (i.e., using significant relationship 
factor combinations only), Spearman rank correlation coefficients were calculated to 
examine relationships between nutrient and dissolved gas fluxes. Where a significant 
interaction term was present, Mann-Whitney U-tests were used to identify the source of 
difference among vegetation and treatment combinations.  
 
5.3 RESULTS 
5.3.1 Ambient Geochemical Parameters 
 Temperature and salinity were uniform across all sites and sampling dates (Table 
5.2). pH was greater in 2014 than 2012, and all water column nutrient concentrations 
averaged less than 1 µM, with the exception of NH4+ in 2014 (Table 5.2). Average NH4+ 
and NO3- in 2012 ranged from 0.59–0.83 µM and 0.68–0.74 µM, respectively. In 2014, 
mean NH4+ concentration was 1.52–2.21 µM, and mean NO3- concentration was 0.10 µM 
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(Table 5.2). DO (percent saturation) in unvegetated sites was 54.6% in 2012 and 39.5% 
in 2014. In vegetated sites, DO was 63.7% in 2012 and 58.8% in 2014 (Table 5.2). Note 
that DO measurements were made in the early morning during calm conditions; thus, low 











(%) pH NH4+ (µM) NO3- (µM) 
o-PO43- 
(µM) 
2012        
Unvegetated 28.95 34.83 54.6 7.68 0.83±0.25 0.68±0.18 0.14±0.01 
Vegetated 29.26 34.80 63.7 7.68 0.59±0.45 0.74±0.10 0.13±0.00 
2014        
Unvegetated 28.52 34.74 39.5 8.66 2.21±0.66 0.10±0.02 0.30±0.01 




5.3.2 Dissolved Nutrient Fluxes  
NH4+ efflux varied across sediment type and treatment. In 15NO3--amended cores, 
NH4+ effluxes were consistently greater in vegetated versus unvegetated cores (mean 78–
238 vs. 23–34 µmol N m-2 h-1, respectively; Table 5.3). 15NH4+ additions resulted in net 
fluxes of 15NH4+ into sediments and a corresponding efflux of 14NH4+, with the exception 
of unvegetated sediments in 2012 (Table 5.3). NH4+ flux was positively correlated with 
SOD in vegetated cores (ρ = 0.45, p < 0.01), but not in unvegetated cores (ρ = 0.16, p = 
0.40) (Fig. 5.2).  
In unamended cores, sediments were a net NO3- sink in 2012 and a net source in 
2014, and the mean magnitude of these fluxes ranged from -1.08–1.51 µmol N m-2 h-1 
across both years (Table 5.3). 15NO3- additions stimulated net uptake of NO3- in both 
2012 and 2014, with a significant difference in magnitude (up to 100-fold increase) from 
both unamended and 15NH4+-addition cores (Table 5.4; p < 0.001). NO3- and NO2- fluxes 
in 15NO3--amended cores were negatively correlated (ρ = -0.42, p = 0.048).  
NO2- fluxes in unamended cores ranged from -0.41–0.54 µmol N m-2 h-1. In 
contrast, 15NO3- additions resulted in NO2- effluxes during both sampling events, with 
rates of 7.52 ± 4.95 and 26.5 ± 16.1 µmol N m-2 h-1 in vegetated sediments and 18.5 ± 
12.8 and 16.4 ± 10.4 µmol N m-2 h-1 in unvegetated sediments in 2012 and 2014, 
respectively (Table 5.3).  
o-PO43- fluxes were stimulated by N additions in 2014 (p = 0.01) and N additions 
and vegetation in 2012 (p = 0.02; Tables 3 and 4). o-PO43- flux was correlated with NO3- 
flux (ρ = -0.50, p = 0.016) in 15NO3--amended cores.   
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Table 5.3. Average fluxes (µmol N or P m-2 h-1, mean ± standard error) of nutrients and dissolved gases in 2012 and 2014.  
BDL = values below detection limit.   
 NH4+ 15NH4+ NO2- NO3- PO43- 28N2 SOD 
2012        
Unvegetated       
Unamended 2.06±1.88 BDL -0.41±0.59 -1.08±2.39 1.17±0.58 204±25.3 797±60.8 
15NH4+ -15.0±18.7 -22.2±11.5 -0.42±0.21 3.03±1.25 0.75±0.26 85.6±36.3 823±128 
15NO3- 34.0±13.6 9.23±4.1 18.5±12.8 -88.5±37.9 0.49±0.47 193±13.9 840±191 
Vegetated        
Unamended 99.6±25.5 BDL 0.09±0.42 -0.56±1.56 2.02±1.23 89.2±7.23 1240±268 
15NH4+ 87.5±42.2 -45.2±13.4 0.38±0.23 2.07±0.91 -0.50±1.25 106±13.4 1750±263 
15NO3- 77.8±19.4 28.6±7.79 7.52±4.95 -106±31.9 0.45±0.37 221±22.5 881±185 
2014        
Unvegetated       
Unamended 16.5±8.42 BDL -0.20±0.14 1.30±1.19 -0.03±0.02 127±8.91 728±116 
15NH4+ 52.8±36.3 -34.7±5.71 0.11±0.10 5.86±4.76 0.19±0.07 206±23.7 1280±301 
15NO3- 23.2±23.0 2.09±2.42 16.4±10.4 -74.9±16.3 0.02±0.03 185±25.1 533±177 
Vegetated        
Unamended 25.0±10.6 BDL 0.54±0.20 1.51±1.25 -0.02±0.12 213±19.8 1320±102 
15NH4+ 47.6±37.6 -48.0±6.72 0.30±0.26 1.37±1.94 0.35±0.19 194±22.0 1280±217 





Figure 5.2. Scatterplot of SOD and NH4+ fluxes across both years. Linear relationships 
for vegetated cores are represented by the solid line (––, ρ = 0.45, p < 0.01, y = 0.15314x 
– 101.83), while unvegetated cores are described by the dashed line (---, ρ = 0.16, p = 
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Table 5.4. Results of repeated measures ANOVA for nutrient and dissolved gas fluxes from intact sediment core incubations in 
2012 and 2014. P values reported are Wald-type statistics calculated using wild bootstrap resampling.  
 
    2012 
Factor n NH4+ NO3- NO2- PO43- SOD 28N2 
Vegetation 6 <0.001 0.496 0.377 0.690 <0.001 0.095 
Treatment 3 0.265 <0.001 0.023 <0.001 0.053 <0.001 
Vegetation*Treatment1 2 0.008 0.686 0.345 0.018 0.051 <0.001 
Day 3 0.034 0.251 0.765 0.759 0.536 0.310 
Vegetation*Day 6 0.489 1.000 0.899 0.907 0.109 0.887 
Treatment*Day 9 0.472 0.248 0.194 0.594 0.997 0.560 
Vegetation*Treatment*Day 18 0.863 1.000 0.677 0.463 0.662 0.950 
    2014 
Factor n NH4+ NO3- NO2- PO43- SOD 28N2 
Vegetation 6 <0.001 <0.001 0.118 0.636 <0.001 <0.001 
Treatment 3 <0.001 <0.001 <0.001 0.014 0.486 <0.001 
Vegetation*Treatment1 2 <0.001 0.007 0.022 0.755 0.008 <0.001 
Day 3 0.082 0.912 0.807 0.321 0.084 0.252 
Vegetation*Day 6 0.647 1.000 1.000 0.312 0.564 0.808 
Treatment*Day 9 0.525 0.928 0.782 0.663 0.104 0.331 
Vegetation*Treatment*Day 18 0.866 1.000 0.987 0.883 0.107 0.686 
1n for the control, unvegetated treatment combination 




5.3.3 Sediment Oxygen Demand (SOD) 
 In 2012, SOD was significantly greater in vegetated versus unvegetated sediments 
regardless of treatment (p < 0.001; Table 5.3), but in 2014, SOD was influenced by a 
vegetation*treatment interaction. There was no treatment-only effect on SOD in either 
year; therefore, SOD was averaged by vegetation for each year. In 2012, SOD across all 
treatments averaged 1290 ± 157 and 850 ± 90 µmol O2 m-2 h-1 in vegetated and 
unvegetated cores, respectively (Table 5.3). In 2014, mean SOD across all treatments was 
1490 ± 168 µmol m-2 h-1 in vegetated cores and 846 ± 138 µmol m-2 h-1 in unvegetated 
cores; however, SOD in 15NH4+-amended, unvegetated cores was significantly greater 
than SOD in unvegetated cores in the other treatment conditions (Table 5.4; p = 0.008). 
 
5.3.4 N2 Production and Consumption 
Average net 28N2 fluxes were positive in all cores (Table 5.3). In 2012, net 28N2 
fluxes were significantly greater in unvegetated, unamended cores versus vegetated cores 
(p = 0.024), but the opposite pattern was observed in 2014 (p = 0.004). In 15NH4+ and 
15NO3--amended cores, 29N2 and 30N2 production (maximum flux = 0.94 ± 0.14 µmol N 
m-2 h-1; data not shown) represented small proportions of total N2 fluxes (0.11–0.69% for 
29N2 and 0.02–1.73% for 30N2) for both years. 29N2 and 30N2 fluxes in amended cores 
were not significantly different (p > 0.05) from those in unamended cores; therefore, we 
excluded them from further analysis. N fixation calculations (An et al. 2001) also did not 
produce positive values in the 15NO3--amended cores. In the absence of measurable N 
fixation, net 28N2 fluxes in unamended cores represent the best estimates of actual 
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denitrification rates (Fig. 5.3). Average best estimates of in situ denitrification ranged 
from 89–221 and 127–284 µmol N m-2 h-1 in 2012 and 2014, respectively (Table 5.3). 
 
 5.3.5 DNRA  
In 2012, potential DNRA rates were marginally greater in vegetated versus 
unvegetated sediments (Fig. 5.4), though the difference was not statistically robust (p = 
0.065). However, across both years, mean potential DNRA was three or more times 
greater in vegetated versus unvegetated cores (Table 5.3). In 2012, no NIAF (the 
difference between total NH4+ flux in 15NO3- cores and unamended cores) occurred in 
vegetated sediments, but unvegetated sediments released excess NH4+ at 32.0 µmol N m-2 
h-1. In contrast, much greater total NH4+ release in vegetated versus unvegetated 
sediments was observed in 15NO3- treatments in 2014 (Fig. 5.4). In 2014, NIAF was 
observed in both sediment types, with vegetated sediments (303 µmol N m-2 h-1) 
releasing more NH4+ than unvegetated sediments (6.69 µmol N m-2 h-1; Fig. 5.4). 15NH4+ 
flux exhibited a positive correlation with SOD in 15NO3- amended cores (ρ = 0.46, p = 
0.013). In the same cores, 15NH4+ and NO3- fluxes were negatively related (ρ = -0.45, p = 





Figure 5.3. 28N2 fluxes (µmol m-2 hr-1) in unamended treatments in vegetated and 



























Figure 5.4. (a) Potential DNRA rates (µmol m-2 hr-1) in 15NO3--amended unvegetated and 
vegetated cores in 2012 and 2014. (b) nitrate-induced ammonium flux (NIAF), or the 
increase in NH4+ efflux in nitrate-amended cores compared to control cores. Note 























































5.3.6 Functional Gene Abundance 
 In both vegetated and unvegetated sediments, gene copies of nifH were more 
abundant than nrfA and nirS by one and three orders of magnitude, respectively. The 
average nifH gene copy number in vegetated cores was 5.76 ± 1.33 x 1010 versus 1.83 ± 
0.36 x 1010 copies per g sediment in unvegetated cores. For nrfA, mean vegetated 
abundance was 5.05 ± 1.32 x 109 versus 1.46 ± 0.12 x 109 copies per g sediment in 
unvegetated cores. nirS abundance was 7.34 ± 0.67 x 107 copies per g sediment in 
vegetated and 1.80 ± 0.13 x 107 copies per g sediment in unvegetated sediments. 
Bacterial abundance of amoA was 9.14 ± 1.47 x 108 copies per g sediment in vegetated 
cores and 1.24 ± 0.12 x 108 copies per g in unvegetated sediments, while archaeal 
abundance was 5.76 ± 1.41 x 107 and 1.40 ± 0.11 x 107 copies per g sediment in 
vegetated and unvegetated cores, respectively. For all genes of interest, except AOA 
amoA, the number of copies in vegetated sediments exceeded those in unvegetated 
sediments (p = 0.02 for nifH, p < 0.01 for nrfA, nirS, and AOB amoA; Fig. 5.5). The 
abundance of AOA amoA was significantly greater in unvegetated versus vegetated 
sediments (p = 0.001; Fig. 5.5).  
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Figure 5.5. Gene copies (per g sediment) of nifH, nrfA, nirS, and bacterial (AOB) and 










































This study was designed to explore the potential fate of episodic N inputs to 
marine sediments in a relatively unimpacted coastal ecosystem and to evaluate the impact 
of seagrass beds on those dynamics. We hypothesized that vegetated sediments, which 
are richer in OM (Strope 2018), would have greater rates of denitrification and DNRA 
than unvegetated sediments. We also anticipated that DNRA would constitute a greater 
proportion of total NO3- reduction in vegetated sediments, which generally have greater 
concentrations of sulfide (which inhibits nitrification and denitrification). Based on our 
results, the presence of vegetation may alter the proportion of NO3- sink pathways, such 
that DNRA is favored over denitrification during high N loading events.  
 
5.4.1 Denitrification 
Denitrification rates were not enhanced with added 15NO3- substrate, as evidenced 
by the absence of 29 & 30N2 production in those cores. The lack of 29N2 production in 
15NH4+-addition cores suggests that anammox was not an important N sink in these 
sediments, which is consistent with literature showing that shallow, coastal sediments 
often have low proportions of anammox to total N removal (Dalsgaard et al. 2005; Devol 
2015). The absence of significant 29N2 and 30N2 production, but consistent 28N2 
production, suggests that coupled nitrification-denitrification was the major N loss 
pathway, with direct denitrification playing only a small role. Low ambient NO3- 
concentrations (Table 5.1) and high rates of 28N2 production support the interpretation 
that there was tight coupling between nitrification and denitrification in these sediments, 
with nitrification of NH4+ from remineralized OM providing enough substrate for 
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denitrification. NO2- efflux was stimulated in 15NO3- enriched cores, which suggests 
several potential fates for NO3- pulses, including incomplete direct denitrification, 
incomplete DNRA, or DNRA followed by ammonia oxidation. We did not measure N2O 
production in the cores, and sulfide inhibits the final step of denitrification (An and Joye 
2001); thus, it is possible that added 15NO3- was denitrified to 45/46N2O. Future efforts 
would benefit from including measurements of isotopic N2O fluxes to help constrain the 
ultimate fate of added 15N.   
Vegetation did not have a consistent effect on net 28N2 fluxes. While N fixation 
may be occurring simultaneously with denitrification in these sediments, we were unable 
to detect it using these methods. No significant difference with vegetation occurred in 
2012, but in 2014, vegetated sediments produced significantly more N2 than unvegetated 
sediments based on the best estimate of actual denitrification (i.e., in the absence of 
potential denitrification from added 15NO3- substrate and N fixation). Along with an 
available NO3- supply, heterotrophic denitrifiers rely on labile OM availability (Cornwell 
and Kana 1999; Ward et al. 2009). OM loading increases sediment metabolism, and 
respiration consumes O2 in sediments, changing the O2 penetration depth and perhaps 
favoring denitrification (Cornwell and Kana 1999). OM lability was not measured here, 
but SOD and NH4+ patterns provide indirect evidence, and SOD and NH4+ fluxes were 
greater in vegetated than unvegetated sediments. A subsequent study found that percent 
OM in St. Joseph Bay was, on average, 3x greater in vegetated versus unvegetated 
sediments (Strope 2018), which supports the observed SOD patterns.  
Denitrification rates in T. testudinum beds reported here (89–224 µmol N m-2 h-1), 
measured in July and August, are within the range (29.2–445 µmol N m-2 h-1) reported for 
 272 
austral summer months in Australian seagrass beds (Eyre et al. 2013). Denitrification 
rates in St. Joseph Bay unvegetated sediments are also similar to those measured in sandy 
intertidal zones in summer (Eyre et al. 2013), Florida Bay (Gardner and McCarthy 2009), 
and the northern Gulf of Mexico (McCarthy et al. 2015). However, the rates reported 
here are greater than those measured in other seagrass beds in Texas (0–68 µmol N m-2  
h-1; An and Gardner 2002), Australia (0.04–0.16 and 4–150 µmol N m-2 h-1; Salk et al. 
2017 and Kessler et al. 2018, respectively), and Virginia (0–106 µmol N m-2 h-1; Aoki 
and McGlathery 2017). In the Red Sea, denitrification was greater in vegetated than 
unvegetated sediments (Garcias-Bonet et al. 2018), but differences in methodology make 
direct comparisons to measurements in this study difficult. Denitrification rates in St. 
Joseph Bay were measured directly from net 28N2 production, and isotope patterns 
suggested that coupled nitrification-denitrification accounted for most or all of this N2 
production.  
Oxygen penetration may limit denitrification in permeable sediments, but 
microenvironments may facilitate tightly coupled nitrification-denitrification, which often 
represents a significant N sink in coastal systems (Marchant et al. 2016). In the Gulf of 
Mexico, this pathway represented 86–95% of total denitrification (Gihring et al. 2010), 
while isotope tracer additions in the South Atlantic Bight (Rao et al. 2007, 2008) also 
showed little or no 29 & 30N2 production, with high rates of 28N2 production. In addition, 
buried macroalgae, which proliferate in St. Joseph Bay seagrass beds in early summer 
(FDEP 2012; Strope 2018), enhances coupled nitrification-denitrification in permeable 
sediments (Bourke et al. 2014). Together, these case studies support the interpretation 
that nitrification and denitrification were tightly coupled in St. Joseph Bay sediments.  
 273 
5.4.2 Methodological Considerations in Assessing Denitrification Rates 
In several cases where denitrification rates measured here exceeded those reported 
in other studies, those studies often used the isotope pairing technique (IPT; Nielsen 
1992), which does not directly measure production of 28N2. The IPT was originally 
designed to distinguish coupled nitrification-denitrification (D14; Nielsen 1992); however, 
subsequent evaluations (e.g., van Luijn et al. 1996; Steingruber et al. 2001; Middleburg et 
al. 1996) have illustrated potential issues with the application of IPT methodology for 
quantifying these coupled rates. The continuous-flow incubation system used here 
violates some of the assumptions needed for applying IPT calculations, such as the 
requirement that the generation of N2 from the combination of NH4+ oxidation and NO3- 
reduction (i.e., coupled nitrification-denitrification) within the cores is minimal (Eyre et 
al. 2002). Tests for this assumption require anoxic slurries (Eyre et al. 2002) that destroy 
natural redox gradients and prevent nitrification, which is often the primary NO3- source 
for denitrification (e.g., Laursen and Seitzinger 2002). If we apply IPT using our 29N2 and 
30N2 results, however, the calculated coupled nitrification-denitrification rate (D14, 
Nielsen 1992) in 2012 would be 0.12 µmol N m-2 h-1, or 0.05–0.13% of our actual 
measurement of 28N2 efflux. This exercise, acknowledging the appropriate caveats, 
supports previous observations of limitations with using IPT when coupled nitrification-
denitrification is important. Coupled nitrification-denitrification is important in coastal 
sediments (Christensen et al. 1987; Laursen and Seitzinger 2002), including in hypoxic 
conditions (Gardner and McCarthy 2009). IPT may underestimate actual denitrification 
rates where microanaerobic and aerobic sites are involved in the tight coupling of 
nitrification and denitrification (van Lujin et al. 1996). Three-dimensional redox zones 
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may thus confound the use of traditional IPT in permeable sediments (Robertson et al. 
2019). As such, methodology should be carefully considered when examining 
denitrification in seagrass ecosystems, and these results highlight the need for direct 
measurements of 28N2 production when quantifying denitrification rates in these systems.   
 
5.4.3 DNRA 
Potential DNRA occurred consistently as 15NH4+ from 15NO3- additions in both 
sediment types. 15NO3- additions also resulted in greater total NH4+ effluxes compared to 
unamended cores. 15NH4+ produced via DNRA may become sorbed to the sediments, 
displacing 14NH4+, which can then diffuse into overlying water (Gardner et al. 1991; 
Seitzinger et al. 1991; Gardner et al. 2006; Gardner and McCarthy 2009). This cation 
exchange process can mask production of 15NH4+ during direct measurements of potential 
DNRA, especially in saline systems (Gardner et al. 1991; Seitzinger et al. 1991). The 
observed increase of 14NH4+ flux in all but one of the 15NH4+ treatments across both years 
(Table 5.3) provides evidence for this mechanism in the sediments of St. Joseph Bay. In 
2014, NIAF was significantly greater in vegetated versus unvegetated cores (p = 0.04; 
Fig. 5.4), supporting the potential DNRA results from 15NH4+ production. However, 
DNRA rates in St. Joseph Bay were not significantly different in vegetated versus 
unvegetated sediments, although total NH4+ production was significantly greater in 
vegetated sediments (Table 5.2). Total NH4+ fluxes in unamended cores measured here 
are similar to those measured in Zostera capriconi beds and unvegetated sediments in 
Australia (Eyre et al. 2011); however, those authors reported a greater release of NH4+ by 
unvegetated sediments. We hypothesized a greater NH4+ flux in vegetated sediments due 
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to deposition of OM and subsequent respiration and remineralization, and our results 
support this hypothesis.  
Direct measurements of potential DNRA in both years are similar to those 
measured in Zostera marina beds in Virginia (14 µmol N m-2 h-1; Aoki and McGlathery, 
2017), greater than those in Zostera muelleri beds in Australia (<1 µmol N m-2 h-1; Salk 
et al., 2017), and similar to the range of those measured in the northern Gulf of Mexico 
(1–31 µmol N m-2 h-1; McCarthy et al., 2015). Summer rates of DNRA in T. testudinum 
beds in south Texas (69 µmol N m-2 h-1; An and Gardner 2002) were greater than those 
from St. Joseph Bay, on average, but comparable to the rates in vegetated sediments in 
2014. However, if measurements underestimate potential DNRA (as suggested by NIAF 
calculations), then rates in vegetated cores in 2014 exceed DNRA rates reported in other 
studies. A similar phenomenon was reported in the hypersaline Laguna Madre (Texas), 
where 15NO3- additions stimulated an NH4+ efflux four times greater than those measured 
using 15NH4+ production (Gardner et al. 2006). The 2014 NIAF rates in vegetated 
sediments (~300 µmol N m-2 hr-1) are similar to those from Texas (262 µmol N m-2 h-1; 
Gardner et al. 2006), consistent with the hypothesis that cation exchange mechanisms, 
especially in saline systems, can cause underestimation of DNRA when using isotope 
techniques. 
 
5.4.4 Genetic Potential 
Though qPCR analysis revealed the presence of nifH, nirS, and amoA genes in all 
sediments, DNA quantification represents potential activity, not actual expression. 
Significantly greater functional gene copy numbers in vegetated sediments indicates an 
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increased potential for both N fixation and denitrification compared to unvegetated 
sediments. Since RNA was not quantified, the discrepancy between gene abundance and 
lack of detected N fixation is interesting and may reflect the ubiquity of nifH in marine 
sediments (Bentzon-Tilia et al. 2015; Fulweiler et al. 2013; Newell et al. 2016). Bacterial 
and archaeal amoA abundance differed by vegetation, but high copy numbers in both 
sediment types supports the importance of coupled nitrification-denitrification in St. 
Joseph Bay. Though actual activity is not assessed from DNA alone, the combination of 
genetic potential with greater SOD, NH4+ flux, and OM content in vegetated sediments 
supports results showing that vegetation stimulates sediment N transformations, but the 




This study was limited by spatial and temporal constraints, which restrict attempts 
at broader interpretation of the data. Acknowledging those limitations, this dataset has 
several aspects that add to our understanding of N cycling in coastal ecosystems 
inhabited by seagrasses. This experimental site is relatively unimpacted by anthropogenic 
activity compared to many other coastal areas, suggesting that these results have value for 
consideration and implementation of conservational approaches in similar systems. 
Despite some inconsistency in the observed effects of vegetation, all within-rate 
comparisons in each year fall within the same order of magnitude, indicating that our 
overall measurements represent a reasonable capture of system dynamics. Our 
comparison of denitrification rates and other measurement techniques highlights the need 
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to measure 28N2 fluxes directly to accurately characterize coupled nitrification-
denitrification.  
In both 2012 and 2014, denitrification in unamended cores exceeded NO3- uptake 
rates. Our best estimate of in situ denitrification rates was 2–20x greater than potential 
DNRA rates, so denitrification is likely the major NO3- sink, which suggests resilience to 
current NO3- inputs. However, excess N loading stimulated NH4+ release from DNRA, 
which supports previous studies showing that high N loading leads to less efficient N loss 
as an ecosystem service (e.g., Gardner and McCarthy 2009), also supported here as a lack 
of 15N-labelled N2 production. Abundance of nrfA gene copies were two orders of 
magnitude greater than nirS genes (and abundances of all three functional genes were 
greater in vegetated versus unvegetated sediments), suggesting that there is a strong 
genetic potential for DNRA in these sediments, especially when seagrasses are present. 
Without quantifying RNA, however, it is beyond the scope of this work to compare 
functional gene activity.  
Increased NH4+ production (determined as NIAF) and lack of direct 
denitrification in the presence of added NO3- in vegetated cores illustrates the potential 
for NH4+ recycling to exceed denitrification in these sediments. Depending on labile OM 
availability, DNRA can occur at rates similar to or greater than denitrification (e.g., An 
and Gardner 2002; Gardner et al. 2006; Gardner and McCarthy 2009). A relative increase 
in DNRA rates, leading to increased NH4+ concentrations, may have implications for 
seagrass ecosystems via stimulation of epiphyte and algal growth, both of which have 
negative impacts on seagrasses (Short and Wyllie-Echeverria 1996). Considered together, 
these issues illustrate the importance of controlling N discharges from inland watersheds 
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to coastal systems, particularly those with significant submerged vegetation. Further 
study, including measurements of sediment OM content and lability and more widespread 
sampling along temporal and spatial gradients, functional gene activity, and additional 
quantification of nitrification and N2O production rates, is necessary to explore the 
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CHAPTER 6: CONCLUSIONS AND CONSIDERATIONS 
6.1 GENERAL FINDINGS 
This dissertation presents findings from three years of field work in the water 
column of Lake Erie and two prior years of work in sediments off the Florida coast. 
These studies focused on representative ecosystems that, globally and locally, have been 
impacted by anthropogenic nutrient loading. Accordingly, each study was designed to 
quantify certain nitrogen (N) transformational pathways to examine potential system 
responses to external N inputs.  
In Lake Erie (Chapters 2–4), bottle incubations with additions of 15N-labeled 
ammonium (NH4+) were used to trace the fate of NH4+ (uptake, recycling, or loss to 
nitrate (NO3-) via nitrification) in the water column, along with quantification of nitrifier 
community gene abundances. It was hypothesized that NH4+ regeneration and potential 
uptake rates would decrease with distance from a large watershed nutrient source 
(Maumee River; Chapters 2 and 4) and that both would increase with cyanobacterial 
bloom (cyanoHAB) biomass. In contrast, it was anticipated that nitrification rates would 
peak in pre- and post-bloom months, and nitrifier community abundances would be 
greatest during the same periods and in locations farthest from blooms. Results showed 
that potential NH4+ uptake rates followed expected seasonal patterns, with peak demand 
from the microbial community during cyanoHABs. Evidence also suggested that NH4+ 
regeneration plays an important role in sustaining cyanoHAB biomass and toxicity, even 
after external loads from the watershed have decreased. Furthermore, NH4+ turnover via
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 regeneration may support toxin production when external loads decrease but prior to 
depletion of water column availability (Chapter 2). Nitrification comprised 0–60% of 
potential NH4+ uptake and often decreased to undetectable rates (on average, less than 5% 
of total uptake) during peak cyanoHABs, suggesting that nitrifiers were not effective 
competitors for NH4+ compared to cyanoHAB organisms. Additionally, despite abundant 
ammonia oxidizing bacteria (AOB) and archaea (AOA) at all stations and times, 
correlations between ammonia oxidizing organisms (AOO) and measured nitrification 
rates were only found using a subset of data (the ratio of AOB:AOA gene copies, Chapter 
4), which may be an artefact of limited data and high levels of heterogeneity in 
nitrification rates.  
In coastal Florida (Chapter 5), intact sediment cores were installed into a 
continuous-flow incubation system with amendments of two inorganic N forms (15NH4+ 
and 15NO3-). Research questions were formulated around differences in N transformations 
depending on the presence or absence of seagrasses. It was hypothesized that NO3- sink 
pathways (i.e., denitrification and dissimilatory NO3- reduction to NH4+; DNRA) in 
vegetated sediments would differ from those in unvegetated sediments due to labile 
organic matter (OM) availability and the presence of sulfide, the combination of which 
may favor DNRA over denitrification where other factors are not limiting. Results 
indicated that, while coupled nitrification-denitrification was the dominant N-loss 
pathway in this system, added 15NO3- was often recycled to 15NH4+ via DNRA in 
sediments with seagrass (Thalassia testudinum) vegetation present, suggesting that 
increased external N loading may lead to less efficient pathways of NO3- loss via DNRA 
in coastal seagrass ecosystems.  
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Although the work was conducted in very different ecosystems (marine and 
freshwater) with different foundational units of study (sediments and water column), a 
unifying theme of these findings is that some aquatic systems, particularly those impacted 
by anthropogenic activity, are unable to compensate for excess N loading from 
surrounding watersheds through natural means. This finding highlights the need for 
diverse watershed management considerations that include N, both in total and with 
chemical speciation, to mitigate the harmful effects of excess nutrient loading and 
eutrophication in vulnerable aquatic ecosystems.  
  
6.2 EXPERIMENTAL DESIGN AND CONSIDERATIONS IN INTERPRETING 
RESULTS 
6.2.1 15N Isotopes vs DIN Approaches 
For these experiments, stable isotope 15N additions and isotope dilution 
techniques were used, as opposed to dissolved inorganic N (DIN) measurements without 
isotopes, to directly determine which N pathways were active in each system. Measuring 
changing DIN concentrations over time without isotopes can provide some measure of 
community activity but lacks the resolution needed to identify specific pathways. For 
instance, our community biological NH4+ demand (CBAD; Gardner et al. 2017) 
calculations (which only require total NH4+ concentrations) in Chapter 4 showed similar 
patterns to potential NH4+ uptake measured with 15N additions (Chapters 2 and 4), but the 
role of NH4+ regeneration in NH4+ dynamics can be masked without isotopic 
differentiation. Unless regeneration of new NH4+ proceeds at rates that replenish ambient 
NH4+ pools to concentrations exceeding those measured at the beginning of the 
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experiment, newly regenerated NH4+ cannot be distinguished from the original NH4+ 
pool. Thus, community NH4+ uptake determined via this method may underestimate 
actual demand if NH4+ regeneration is co-occurring.  
Similarly, monitoring changing concentrations of NH4+ and NOx, instead of using 
15N tracers, to measure nitrification provides little certainty about whether observed 
changes represent actual nitrifier activity (Ward et al. 2011). Although increases in NOx 
concentrations would not be expected in bottle experiments in the absence of nitrification 
(i.e., NOx concentrations would not likely be influenced by other N pathways, such as 
incomplete denitrification), microbial NH4+ uptake by non-nitrifying organisms may 
undermine the reliability of rates determined via this method. Considered together, these 
concerns with DIN-based measurements demonstrate that 15N additions and isotope 
dilution models (which include ambient 14N concentrations) were the best techniques for 
direct quantification of the pathways of interest in these studies. 
 
6.2.2 Importance of Studying NH4+ in Lake Erie 
 Unlike early, paradigm-establishing work on the effects of N (or lack thereof) in 
promoting freshwater cyanoHABs (e.g., Schindler 1977), NH4+ was the focus of this 
study, instead of NO3-. NO3- is a biologically important N form for phytoplankton, but 
examining the role of NH4+ may be crucial to understanding the impact of N loading on 
cyanoHAB dynamics in western Lake Erie (WLE) and other systems where non-N-fixing 
cyanoHABs occur.  
NH4+ is the preferred N form for primary producers, including phytoplankton 
(particularly cyanobacteria), due to low energetic costs of assimilation into biomass 
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(Glibert et al. 2016). The physiological effects of bioavailable NH4+ on toxin-producing 
cyanobacteria are well established. NH4+ increases cyanoHAB biomass (Davis et al. 
2015; Chaffin et al. 2018) and can quickly stimulate toxin production, even at low 
concentrations (Harke et al. 2015; Chaffin et al. 2018). NH4+ and other chemically 
reduced N forms (e.g., urea) are increasing in agricultural loads from the Maumee River 
watershed (Newell et al. 2019), which are delivered to WLE and have been followed by 
an increase in cyanoHAB severity that meets the criteria for an impaired ecosystem 
(NOAA et al. 2018; Davis et al. 2019). These relationships between organismal biology 
and ecosystem-level patterns highlight the need for understanding internal NH4+ 
dynamics, which had not been measured extensively in Lake Erie.  
 
6.2.3 Bottle Experiments and Experimental Limitations 
 The Lake Erie studies described here were performed using closed bottle 
incubations. Despite some inherent limitations associated with the experimental design, 
bottle incubations were a necessity for answering the questions posed for WLE, 
particularly with the use of stable isotope additions to water collected directly from the 
lake. Without bottles, the use of stable isotopes would not have been possible; additions 
of stable isotopes to large, high volume, dynamic lakes are unsuitable due to the inability 
to ensure recapture of added 15N, the presence of multiple N-use processes that could 
confound attempts at specific process determination, and the high cost of isotopes that 
would make such efforts prohibitively expensive. As such, it would have been impossible 
to directly quantify potential pathways of N use of interest with any confidence.  
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Bottle incubations as proxies for natural environments have been criticized. 
Although useful for replication and the ability to control experimental conditions, their 
relevance to real-world dynamics is questioned as a result of their small scale. Schindler 
(1998) posits that both bottle experiments and intermediate-scaled mesocosms are 
inappropriate for extrapolation to whole ecosystems. Water column bottle experiments 
lack interactions with large organisms, the atmosphere, sediments, and natural 
hydrodynamics (Schindler 1998), and incubations are often conducted over relatively 
short time periods, as was the case in our experiments. Some argue that data from bottle 
experiments are inapplicable because they fail to represent the complexity of natural 
ecosystems, particularly regarding dynamics occurring on larger temporal scales, 
including some biogeochemical cycles (Schindler 1998; Kinzig and Starrett 2003; Olsson 
et al. 2004). 
Arguments against bottle experiments are frequently leveraged in defense of 
phosphorus (P)-only management recommendations (e.g., Schindler 1998; Schindler et 
al. 2016), but other work has refuted that position. For instance, meta-analysis of whole-
lake fertilization experiments demonstrated that dual nutrient stimulation (N + P) leads to 
greater phytoplankton growth over P or N alone (e.g., Fig. 6.1, from Paerl et al. 2016), 
which supports findings from studies of bottle assays (e.g., Davis et al. 2015; Chaffin et 
al. 2019). Other studies have performed similar work with both meso- (Spivak et al. 
2011; Stewart et al. 2013) and microcosms (Benton et al. 2007) and found their 
scalability to also be relevant; in Spivak et al. (2011), results from enrichment of algal 
mesocosms with N and P demonstrated agreement with another freshwater pelagic meta-
analysis (Elser et al. 2007), further supporting the ability of small-scale experiments to 
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match patterns observed in large-scale ecosystems. Additionally, whole-ecosystem 
approaches are not without issues. While lauded for their realism, most whole ecosystem 
experiments lack appropriate replication (Lennon 2011), which leads to issues in 
validating causal relationships inferred from these studies (Oksanen 2001). The use of 
whole-ecosystems alone is also problematic in regulatory decision making due to the 
inability to directly isolate these cause-and-effect relationships (LaPoint and Perry 1989). 
Therefore, smaller scale experiments are often necessary to gain robust insight into 
certain ecological processes. 
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Figure 6.1. Mean response of phytoplankton to N, P, and N + P additions in 20 whole-
lake experiments (from Paerl et al. 2016).  
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Bottle incubations remain frequently used and are important for experiments 
designed to quantify specific biogeochemical pathways via stable isotopes, where natural 
ecosystems can be undesirable experimental units. Stable isotope experiments assume 
uniform mixing of isotopic and ambient pools, and isotope dilution models require 
measurements at both initial and secondary time points. Neither requirement can be 
guaranteed when supplementing a natural water body. At least one study has added 15N 
tracers to a natural freshwater lake (Lake N2, Alaska, USA) to trace primary production 
via algal growth and amino acid incorporation (including incorporation into 
macrozooplankton), but Lake N2’s surface area is 0.018 km2, or less than 0.0001% of the 
surface area of Lake Erie (Kling 1994). Given Lake Erie’s large size, complexity of 
watershed inputs, abundance of nutrient cycling organisms (including Dreissenid 
mussels), and variety of anthropogenic stressors, as well as the cost of stable isotopes, 
attempting to measure whole-ecosystem N processes using in situ 15N amendments was 
impractical.  
Although bottle experiments are appropriate for the questions posed in these 
studies, results must be interpreted appropriately. Monthly sampling during only half of 
the year represents snapshots of rates at specific locations when sampling was feasible. 
Stations chosen for sampling do not cover the entirety of the lake and may not fully 
reflect important spatial dynamics at certain places and times. For example, Microcystis 
can regulate its buoyancy and vertical position in the water column to maximize light and 
nutrient capture (Wallace et al. 2000), making it susceptible to physical forcing from 
wind when accumulated at the water surface. Likewise, currents can also lead to 
horizontal relocation of biomass. Therefore, cyanoHAB biomass across WLE is subject 
 302 
to spatial variation (e.g., Fig. 6.2, from Sayers et al. 2019) depending on numerous 
factors.  
 As stated previously, bottle experiments also do not account for exchanges 
between surface waters and the atmosphere (Schindler 1998). Quantifying N 
transformations involving atmospheric exchange, such as N fixation, denitrification, and 
anaerobic NH4+ oxidation (anammox), were not part of the WLE study. Fixed N entering 
the system in high concentrations from anthropogenic activity (e.g., fertilizer runoff) was 
the focus here, rather than smaller quantities added via biological N fixation. 
Denitrification and anammox are important N loss pathways and, through either direct 
usage (anammox) or via coupling with nitrification (denitrification), are important 
considerations for whole-ecosystem studies of the fate of NH4+. However, the Lake Erie 
studies focused on NH4+ dynamics in the water column, where the presence of oxygen 
makes denitrification and anammox unlikely pathways. Previous work on water column 
respiration at many of the same Lake Erie stations demonstrated that oxygen remained 
abundant in incubation vials (Niewinski 2019); as such, no processes requiring oxygen 
(such as nitrification) were limited by oxygen availability during our experiments. 
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Figure 6.2. Frequency of occurrence annual heat maps of cyanoHAB presence for the 
1998–2017 period. Areas of more frequent occurrence are shown in warmer colors while 
areas of no-occurrence are shown in black. Data from 1999 to 2001 come from 
the SeaWiFS sensor; data from 2002 to 2017 come from the MODIS Aqua sensor. From 
Sayers et al. 2019.
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Another concern with bottle experiments is temporal displacement between lake 
water column collections and later isotope additions and incubations. With the exception 
of lake-wide cruises with Environment and Climate Change Canada (ECCC; Chapter 4), 
there was a gap spanning three to eight hours (depending on sampling day and station) 
between the time of water collection and the start of each experiment in the laboratory. 
Given the rates of NH4+ uptake reported in this dissertation and elsewhere, nutrient 
concentrations inside the carboys used for water collections and transport almost 
certainly changed during this time. If, during the transportation period, NH4+ 
concentrations became depleted, the microbial community could have become starved for 
substrate. Accordingly, when 15NH4+ was added to the incubation bottles, NH4+ uptake 
may have proceeded at rates not reflective of the lake environment. These changing 
conditions may explain the lack of correlation between some ambient environmental 
variables measured in the lake and rates derived from incubations. Separate samples were 
not collected for nutrient concentrations and other parameters in carboys prior to 
initiating incubations, but implementing this procedure could be useful in the future to 
address this limitation.  
In addition to the possible temporal issues between collections and incubations, 
bottles were incubated in simulated ambient conditions (in an outdoor water bath set in a 
clear, colorless plastic bin), but we did not account for or measure the amount of light 
reaching the bottles, nor did we quantify air or water temperatures in the incubation bath. 
We employed light and dark incubations for NH4+ uptake and regeneration experiments, 
and translucent bottles were used for nitrification to attenuate direct sunlight reaching 
nitrifiers, which can be photoinhibited at high light intensities (Guerrero and Jones 1996; 
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Merbt et al. 2012). The high nitrification rates measured at certain stations and times 
indicate that nitrifiers were not photoinhibited (Chapters 3 and 4). While isotope-spiked 
water samples were well-mixed prior to decanting into incubation bottles (for even 
distribution of 15N and microbial biomass), microbial biomass within individual bottles 
was not evaluated prior to incubations.  
Acknowledging the above limitations, NH4+ cycling rates and other findings 
reported here for Lake Erie may not be fully reflective of the in situ water column. 
However, as the first moderately scaled attempt at quantifying important internal NH4+ 
transformation pathways in Lake Erie, this research fills a major gap in our understanding 
of NH4+ cycling in temperate, eutrophic lakes. Many of these rate measurements have 
been previously published for other eutrophic lakes around the globe, including Taihu 
(China; McCarthy et al. 2007; Hampel et al. 2018), Okeechobee (USA; Hampel et al. 
2019, 2020), Champlain (Canada/USA; McCarthy et al. 2013), and Maracaibo 
(Venezuela; Gardner et al. 1998). With the exception of sediment nitrification (Small et 
al. 2013) and one station where NH4+ regeneration and potential uptake were measured 
just outside Sandusky Bay, these rates have not been quantified in Lake Erie. Given the 
role of NH4+ in promoting and sustaining cyanoHAB biomass and toxicity, these data, 
even if limited, are crucial for beginning to understand internal NH4+ dynamics in the 





6.3 BROADER IMPLICATIONS AND CONTEXT: DUAL NUTRIENT (N + P) 
CONTROL AND THE NEED FOR INDIVIDUAL ECOSYSTEM ASSESSMENT 
 Results from these studies support other literature calling for dual-nutrient (i.e., N 
+ P) control strategies to mitigate the harmful effects of nutrient pollution on aquatic 
ecosystems. N inputs are not fully removed from WLE via natural pathways (Boedecker 
at al. 2020) and often are recycled to other bioavailable forms (Chapter 2). NH4+ 
regeneration in the water column supports non-N fixing cyanoHABs by providing NH4+ 
for biomass maintenance and toxin production (Chapters 2 and 4), and nitrification, as a 
first-step for removing excess NH4+ from the system, is unable to compete with 
cyanoHABs for available NH4+ (Chapters 3 and 4). Although coastal sediments can 
remove a portion of N inputs via denitrification, some excess N may be recycled via 
DNRA in seagrass systems (which are under threat from anthropogenic nutrient loading; 
Chapter 5). These patterns, particularly with water column NH4+ cycling in Lake Erie 
(Chapters 2–4), are similar to those reported in other eutrophic systems. Despite these 
similarities, there are differences between observations from Lake Erie and those in other 
lakes, including the relative ability of NH4+ regeneration to support NH4+ uptake and 
AOO community composition. For example, NH4+ regeneration could support potential 
NH4+ uptake in Taihu during severe cyanoHABs in August, and AOA outnumbered AOB 
in the water column (Hampel et al. 2018), neither of which were true for Lake Erie. Even 
though these lakes are afflicted with an overarching environmental problem (non-N 
fixing cyanoHABs resulting from excess nutrient loading), these differences highlight 
that these ecosystems are unique, and therefore should be studied independently, rather 
than assessed with a one-size-fits-all approach.  
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While some literature broadly claims that N inputs need not be managed to 
mitigate cyanoHABs (e.g., Schindler et al. 2016), much of that data comes from studies 
conducted in isolated lakes used solely for research (Lakes 226 and 227, Experimental 
Lakes Area (ELA), Canada; Schindler et al. 1977, 2008) rather than active, complex, 
anthropogenically active ecosystems. As previously described, N, and particularly 
chemically reduced forms, such as NH4+ and urea, have strong physiological effects on 
phytoplankton by promoting growth and toxin production in non-N fixing cyanobacteria. 
Additionally, many eutrophic freshwater systems (detailed in Paerl et al. 2016) have been 
successfully improved through reductions of both N and P, and many other studies have 
proposed dual nutrient management in impaired systems, including Lake Erie (e.g., Scott 
and McCarthy 2010; Steffen et al. 2014; Davis et al. 2015; Gobler et al. 2016; Paerl et al. 
2016; Gardner et al. 2017; Chaffin et al. 2018; Hampel et al. 2018),.  
Proponents of P-only control claim that controlling N and P is prohibitively 
expensive (Wang and Wang 2009; Fields 2004) and too difficult compared to focusing on 
P alone. However, the same practices that could reduce P loading in agricultural systems 
(lesser amounts of fertilizer, controlling the timing of applications, etc.) will also reduce 
N at the same time (Lewis et al. 2011). Additionally, some eutrophic lakes, Lake Erie in 
particular, have not always responded to P load reductions, as evidenced by the 
resurgence of cyanoHABs following temporary abatement in the 1980s (Watson et al. 
2016; Paerl et al. 2016). As important, the hepatotoxin microcystin contains 10 N atoms 
per molecule but lacks P (Honkanen et al. 1990). As such, when toxin-producing genera 
are of concern (e.g., Lake Erie, Taihu), reductions in available N are paramount to 
reducing harmful effects on ecosystems. When considered together, the biological 
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importance of N, and the observed effects of dual nutrient reductions in non-ELA lakes, 
makes the dogma of N control being unnecessary an inappropriate approach for dealing 
with all eutrophic lakes.  
Given the wide body of literature demonstrating the need to consider N as well as 
P in nutrient management strategies, it is surprising that there are not more widespread 
regulations that acknowledge both. The U.S. EPA has recognized the prolific scientific 
evidence supporting calls for dual nutrient control and encouraged the development of 
criteria to limit both N and P loading to protect aquatic resources (USEPA 2015). 
Unfortunately, there are currently no regulations for non-point source N loading to Lake 
Erie. Management and regulatory decisions are often based on ecosystem models, and 
where N loading reductions have been considered and implemented (e.g., Chesapeake 
Bay; USEPA 2010), these reductions have been successful in restoring ecosystem health. 
Thus, the inclusion of N cycling, including the pathways described in this dissertation, is 
necessary to develop accurate ecosystem models and N loading targets for management 
efforts. As shown in results described here, N must be considered for nutrient 
management strategies in Lake Erie and other agricultural watersheds, and both chemical 
speciation and the role of internal loading (e.g., regeneration) must also be considered to 
begin addressing the problem.  
 
6.4 FUTURE DIRECTIONS 
 The studies described in this dissertation reaffirm previously described trends in 
NH4+ dynamics in eutrophic lakes, while providing new and important evidence specific 
to the Lake Erie water column. However, there are lingering knowledge gaps that could 
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be answered through future study. The most obvious area for improvement involves 
increased temporal and spatial resolution. Variability in cyanoHAB biomass over space 
and time makes it difficult to describe seasonal dynamics. Where feasible, increasing 
water column sampling frequency to weekly would help reduce some of the uncertainty 
associated with the data reported in this dissertation.  
 An increased level of control over bottle incubation parameters, including within-
bottle measurements of certain variables, may also be needed to better understand NH4+ 
cycling pathways. For instance, a water bath design where light and water temperature 
are set to in situ conditions (as performed in Davis et al. 2015), or a within-lake 
incubation, may better reflect the natural environment than the setup employed here. The 
small volume of water in plastic bottles used for incubations may have risen to 
temperatures greater than those found in the lake, possibly inflating our rates by 
stimulating cyanobacteria, which proliferate in warm conditions (Paerl and Paul 2012), 
and microbial community metabolism. In situ loggers could be used to monitor 
conditions in incubation chambers to ensure that temperature and light remain within 
desired ranges.  
 Within-bottle conditions could also be adjusted and monitored pre- and post-
incubation (and perhaps even during). Some studies have gently inverted bottles (e.g., 
Davis et al. 2015; Chaffin et al. 2018) every few hours to ensure continual mixing of 
substrate and biomass. Following incubations, samples could be filtered for rate 
measurements and biomass proxies, such as chlorophyll a and phycocyanin. If biomass is 
collected, the amount of 15N incorporated into particulate matter could be quantified. 
Quantifying microbial community composition via flow cytometry or metagenomics, for 
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example, could also help refine patterns of NH4+ assimilation and turnover. However, 
these potential alterations to experimental protocols used here would require a larger 
volume of water for incubations, more analytical equipment and labor, and a greater 
financial expense.  
 To improve the molecular results (amoA gene abundance determined via qPCR) 
for nitrifier community dynamics, RNA could be extracted and analyzed instead of DNA. 
High abundances of AOB and AOA amoA gene copies were observed across Lake Erie, 
but they were not related to nitrification rates measured using either 15NH4+ tracer or 
NO3- pool dilution methods. While this pattern may be driven by nitrifiers not being as 
competitive for NH4+ as cyanoHABs, DNA represents potential, not actual, activity and 
can include DNA from dead cells that have yet to decompose. As such, RNA analysis, or 
other techniques (such as metatranscriptomics or proteomics) that reflect in situ activity, 
may be needed to effectively combine biogeochemical rate quantifications with 
molecular approaches.  
 Finally, adding additional 15N-labeled substrates to separate incubations could 
provide more insight into the role of other N forms in fueling and promoting cyanoHABs 
and toxicity. Of particular interest are other chemically reduced N forms, especially urea. 
Urea is a large component of modern fertilizer applications (Glibert et al. 2016), and, as 
an uncharged molecule, may be easily transported through cell membranes despite being 
larger than NH4+. Each molecule of urea also represents a carbon source, as well as a 
source of two NH4+ molecules, making it a desirable combination of energy and nutrient 
(Krausfeldt et al. 2019). Transcription of urease, the enzyme that breaks urea down into 
NH4+ and carbon dioxide, is regulated by ntcA, the global N regulator in cyanobacteria, 
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which is activated when NH4+ concentrations become limiting (Flores and Herrero 2005). 
Bottle incubations with urea have revealed stimulation of toxin-producing genes in 
Microcystis (Harke et al. 2016; Chaffin et al. 2018), increases in particulate microcystins 
(actual toxins in cells; Davis et al. 2015; Harke et al. 2016), and increases in biomass 
(Davis et al. 2015; Harke et al. 2016; Chaffin et al. 2018). These effects are similar to 
those observed with NH4+ additions, which indicates that urea may be an important 
contributor to water column N dynamics fueling cyanoHAB biomass and toxin 
production. While urea concentrations in WLE were often lower than NH4+ 
concentrations, they were always detectable, even after NH4+ pools had been completely 
depleted (though urea at these times was less than 1 µM). As described in Chapter 2, 15N-
NH4+ concentrations were determined using hypobromite conversion to N2 gas and 
subsequent analysis via MIMS (OX-MIMS; Yin et al. 2014). This process, applied to 
urea, would convert the amine groups in urea (and any other dissolved organic material 
containing 15N) to dinitrogen gas, making it impossible to disentangle the two forms 
without additional methodological considerations. Future work should also consider the 
fate of urea in these eutrophic systems.  
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Abbreviations used in correlation plots 
 
 
AOB = abundance of ammonia-oxidizing bacteria amoA genes 
AOA = abundance of ammonia-oxidizing archaea amoA genes 
AOB:AOA = the ratio of AOB to AOA 
BGAlgae = blue-green algae/cyanobacteria 
CBADL = community biological NH4+ demand in the light 
CBADD = community biological NH4+ demand in the dark 
Chla/chl = chlorophyll a 
DissMC = dissolved microcystin 
DO = dissolved oxygen 
NH4 = ammonium, NH4+ 
NO2 = nitrite, NO2- 
NO3 = nitrate, NO3- 
NTR = nitrification rate 
O2.mg.L = oxygen (O2) concentration 
O2.sat = percent saturation of oxygen 
PAR = photosynthetically active radiation 
PartMC = particulate microcystin 
Pcentsupport = percent support of NH4+ uptake by regeneration
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Reg = NH4+ regeneration 
RegL = NH4+ regeneration in the light 
RegD = NH4+ regeneration in the dark 
Temp = temperature  
TN = total nitrogen load 
UpRatio = Ratio of light NH4+ uptake to dark NH4+ uptake 
UpL = NH4+ uptake in the light 
UpD = NH4+ uptake in the light 
 
